Many metabolic processes that occur in living cells involve oxidation-reduction (redox) chemistry underpinned by compounds, such as glutathione, ascorbate, and/or pyridine nucleotides. Among these redox carriers, nicotinamide adenine dinucleotide (NAD þ ) represents one of the cornerstones of cellular oxidation and is essential for plant growth and development. In addition to its redox role, compelling evidence of a role for NAD þ as a signal molecule in plants is emerging. In non-plant systems, NAD þ biosynthesis can be the product of two independent pathways-the de novo and the salvage pathway. Despite the fact that homologous plant genes exist for the composite enzymes of most, if not all, of these pathways research into plant NAD þ biosynthesis per se has lagged behind that of microbial and mammalian systems. Indeed, much plant work has been focused on additional roles of the composite enzymes in processes, such as DNA repair or post-translational modification of proteins. That said, in recent years, a number of studies, mostly in Arabidopsis, have been carried out in order to fill this knowledge gap. Therefore, in this review, we intend to present a synthesis of such molecular genetic studies as well as biochemical analyses that have begun to elucidate the regulatory hierarchies both of NAD þ biosynthesis and the parallel activities of the enzymes that are involved in these pathways.
All living cells use nicotinamide adenine dinucleotide (NAD þ ) as an energy transfer cofactor. NAD is a pyridine nucleotide involved in the transport of electrons within oxidation-reduction reactions (redox) as well as being a highly important component of cellular signaling (Hunt et al., 2004; Noctor et al., 2006; P etriacq et al., 2013) . The pyridine nucleotides are composed of two nucleotides connected by a diphosphate group. One of the nucleotides contains an adenine base and the other a nicotinamide molecule (Figure 1 ). NAD exists in the following two forms: an oxidized and reduced form abbreviated as NAD þ and NADH, respectively (Pollak, 2007a) . NAD þ also exists as a phosphorylated intermediate with the phosphate group attached at the 2 0 hydroxyl ribose of the adenine moiety. Despite their structural similarity, these molecules have very distinct biological roles with NADP þ being more involved in biosynthetic processes, such as photosynthesis and fatty acid synthesis, where it acts as a reducing agent (Kramer et al., 2004; Rawsthorne, 2002) , whereas NAD is most often involved in catabolic processes as an oxidant (Geigenberger, 2003) .
NAD is a 664-Dalton (Da) molecule discovered in yeast over a century ago (Harden and Young, 1906) , and initially named "cozymase" for its stimulation of alcoholic fermentation. The subsequent elucidation of the structure of the dinucleotide "cozymase" by von Euler, earned the author the Nobel Prize in Chemistry in 1929 (von Euler, 1930 . Subsequently, Warburg won the Nobel Prize in Physiology or Medicine for his work on "respiratory enzyme" (Warburg and Christian, 1936) , and Kornberg, who was a Nobel Laureate in Physiology or Medicine in 1959 for isolating DNA polymerase I, was the first to discover a step in the biosynthesis of NAD (Kornberg, 1948) . In 1949, Friedkin and Lehninger (1949) provided links between the NADH bound oxidative phosphorylation and the tricarboxylic acid cycle, prior to Handler (1958a, 1958b) discovering three enzymes and two stable intermediaries in the synthesis of NAD from nicotinic acid. More recent discoveries suggest other important roles different from those related to its redox properties, including the involvement in cellular signaling. These functions include cleavage of the molecule, synthesis of cyclic ADP-ribose, deacetylation of proteins, and formation of ADP-ribose polymers, mechanisms which are all important in DNA repair (Hunt et al., 2004; Vanderauwera et al., 2007; Wang and Pichersky, 2007) . In the following review, we will detail the pathways underlying the biosynthesis and metabolism of NAD þ and describe the critical role of NAD in redox biology before discussing the more recently established roles of the constituent enzymes. Finally, we describe the phenotypes of plants deficient in the expression of enzymes of NAD metabolism and attempt to unravel the metabolic and developmental hierarchies which they control.
I. NAD 1 biosynthesis and metabolism per se
Considerable advances in the understanding of NAD þ biosynthesis in plants were made by research teams involved in elucidating the synthesis of nicotine (Frost et al., 1967) , ricinine (Waller et al., 1966; Mann and Byerrum, 1974) , and trigonelline (Wagner et al., 1986a) , respectively. Following these early studies, investigations using radiolabeled carbon provided a wealth of information concerning the biosynthesis of NAD þ and its derivatives (Katahira and Ashihara, 2009; Ashihara et al., 2010; Ashihara and Deng, 2012) ultimately leading to our current understanding that NAD þ biosynthesis is actually achieved by the combined function of both de novo and salvage pathways. In this section, we initially describe the pathways independently before detailing how they interact and cataloging our understanding of the enzymes involved in NAD þ metabolism.
A. The de novo pathway of NAD 1 biosynthesis
In the de novo pathway, the amino acid aspartate serves as the precursor for NAD þ biosynthesis (Katoh et al., 2006; Takahashi et al., 2006; Schippers et al., 2008) . Following the conversion of aspartate to quinolate by aspartase oxidase and subsequent transformation to dihydroxyacetone phosphate by quinolate synthase, quinolate is converted to nicotinate mononucleotide (NaMN) by quinolate phosphoribosyltransferase. NaMN is thereafter transformed via . NAD biosynthetic pathways in plants. L-asp: L-aspartate; LASPO: L-aspartate oxidase; Na: nicotinate; NaAD: nicotinate adenine dinucleotide; NADS: NAD synthetase; NaMNAT: nicotinate mononucleotide adenylyltransferase; NaM; nicotinamide NaMN: nicotinate mononucleotide; NaMNN: nicotinate mononucleotide nucleosidase; NaMR: nicotinamide riboside; NaMRD: NAMR deaminase; NaPT: nicotinate phosphoribosyltransferase; NaR: nicotinate riboside; NaRN: NAR nucleoside; NaRK: NAR kinase; NMN: nicotinamide mononucleotide; NIC: nicotinamidase; NMNG: NMN glycohydrolase; NMNN:NMN nucleosidase NMNAT: nicotinamide mononucleotide adenylyltransferase; NNP: nicotinate nucleoside pyrophosphatase; NUP: nucleoside phosphorylase; PARP: poly(ADP-ribose)polymerase; QPT: quinolinate phosphoribosyltransferase; QS: quinolinate synthase. adenlyation to nicotinate adenine dinucleotide (NaAD), followed by amidation of NaAD to NAD þ , as the fifth and final step in de novo NAD þ biosynthesis ( Figure 2 ).
L-aspartate oxidase
The enzyme L-aspartate oxidase (LASPO, EC 1.4.3.16 ) is a Flavin Adenine dinucleotide (FAD)-dependent flavoprotein belonging to the oxidoreductose class of enzymes, which catalyzes the interconversion of L-aspartate to iminoaspartate. In bacteria, L-aspartate oxidase, sometimes still called synthase quinolinate B, is able to use either oxygen or fumarate as an electron acceptor according to the conditions of aerobic or anaerobic in which they are found (Nasu et al., 1982) . In Arabidopsis thaliana, L-aspartate oxidase is encoded by a single gene (At5g14760; Katoh et al., 2006; Noctor et al., 2006) . Both plant and bacterial proteins are comprised of similar functional domains, namely an N-terminal L-aspartate oxidase domain and a Cterminal succinate dehydrogenase domain Noctor et al., 2006) . However, in plants, the enzyme has been sparingly studied. It has been documented that the purified enzyme from cotton contains a cofactor with an apparent molecular weight similar to that of FAD (Hosokawa et al., 1983) . Crystallization and site-directed mutagenesis studies of the bacterial enzyme revealed the amino acids involved in the binding of aspartate, FAD, and fumarate Tedeschi et al., 2001; Bossi et al., 2002; Rizzi and Schindelin, 2002) . The very high sequence homology of these residues in plant proteins suggests that they likely exhibit highly similar catalytic properties.
When the FAD cofactor binds to L-aspartate oxidase, a change in conformation of the enzyme is observed. This is anticipated to protect the unstable reaction product, iminoaspartate, from degradation (Rizzi and Schindelin, 2002) . Indeed, the half-life time of the iminoaspartate in solution is estimated at 144 s at pH 8 and 37 C (Nasu et al., 1982) . However, iminoaspartate would itself inhibit the reaction catalyzed by L-aspartate oxidase, and this inhibition is suspended by addition of quinolinate synthase in the reaction medium . In addition, it has long been suggested that these two enzymes could form a complex for transferring the unstable iminoaspartate from the first to the second enzyme. Indeed, on attempting to purify the L-aspartate oxidase from bacteria, Griffith and colleagues in 1975 obtained a co-purification of L-aspartate oxidase and quinolinate synthase. However, no further demonstrations have been presented, and thus the hypothesis of an L-aspartate oxidase and quinolinate synthase complex remains relatively weak (Sakuraba et al., 2005) . Some organisms are capable of oxidizing aspartate using enzymes other than L-aspartate oxidase. For example, the archaeon Thermotoga maritima, whose NADB gene encodes an aspartate dehydrogenase (EC 1.4.1.-), the primary protein sequence of which differs significantly from that of Laspartate oxidase (Yang et al., 2003) . Mammals have a D-aspartate oxidase (EC 1.4.3.1), which synthesizes iminoaspartate and it has been demonstrated in vitro that this enzyme could replace the L-aspartate oxidase in the quinolinate bacterial synthase complex (Nasu et al., 1982) . The physiological role of the mammalian enzyme would not be to produce NAD þ , but rather to regulate the level of D-aspartate, a highly abundant compound in neuroendocrine tissue, by converting it into iminoaspartate, which decomposes spontaneously into oxaloacetate (Wang et al., 2000; Wolosker et al., 2000) . Recently, an L-aspartate oxidase was characterized in A. thaliana, which displayed the fine-tuning regulation in NAD metabolism (Hao et al., 2018) .
In silico analysis of plant L-aspartate oxidase sequences, revealed the existence of a conserved N-terminal transit peptide suggesting a chloroplast localization of enzyme , which was experimentally confirmed by green fluorescence protein (GFP) fusions in A. thaliana (Katoh et al., 2006) . The gene encoding L-aspartate oxidase is expressed throughout the plant with the exception of epidermal cells and highly expressed in guard cells in young buds (9-11 stages) and stamen (Arabidopsis database VET Browser, Schmid et al., 2005) . A strong transcriptional regulation of this enzymatic step has also been documented under stress conditions (Genevestigator database; Hruz et al., 2008) . Additionally, induction of the gene encoding L-aspartate oxidase was observed in response to biotic stress caused by Pseudomonas syringae PV. tomato (P etriacq et al., 2012, 2013) .
In bacteria, NADH acts as a competitive inhibitor of the FAD-binding site of the L-aspartate oxidase , as well as a transcriptional regulator (Penfound and Fraser, 1999) . However, as yet transcriptional control of NAD þ biosynthesis by NADH itself has not been reported in plants. That said, NAD þ regulates the activity of L-aspartate oxidase with 50% inhibition of the cottonseed enzyme by 1 mM NAD þ (Nasu et al., 1982; Hosokawa et al., 1983) .
Quinolinate synthase
In bacteria, quinolinate synthase (QS, EC 2.5.1.72) is a copper-containing iron-sulfur center [Fe-S] enzyme that is the product of the nadA gene (Cicchillo et al., 2005; Ollagnier-de Choudens et al., 2005; Rousset et al., 2008) . In A. thaliana, cysteine desulfurylase is encoded by a single gene (At5g50210, Katoh et al., 2006) and this is seemingly a common feature of plants . The three-dimensional structure of the Pyrococcus enzyme was determined, revealing a triangular architecture in which the conserved amino acid residues constitute a "three-layer sandwich triple repetitions" (Sakuraba et al., 2005; Soriano et al., 2013) . The sequence alignment of plant and bacterial proteins indicates the presence of highly conserved amino acid residues including conservation of this structure, however, in plants is complemented with a C-terminal extension .
In A. thaliana, QS is localized in plastids (Katoh et al. 2006 ) and encoded by a single gene (At5g50210). A T-DNA insertion mutation into QS gene has been reported to be lethal in the homozygous state (Katoh et al., 2006) . However, another mutation in the same gene but affecting the cysteine desulfurylase domain does not alter the QS activity and is not lethal (Schippers et al., 2008) . That said, plants show an accelerated aging suggesting that the fall in cysteine desulfurylase activity affects the catalytic competence of the enzyme. Indeed, the authors demonstrated that this lesion in the de novo biosynthesis pathway could be compensated for by an increase in enzyme activities of one of the NAD recycling pathways resulting in a slight increase in cellular NAD levels (Schippers et al., 2008) .
Quinolinate phosphoribosyltransferase
Quinolinate phosphoribosyltransferase (QPT, EC 2.4.2.19) catalyzes the conversion of quinolinate to NaMN (Figure 2 ), by the irreversible transfer of a phosphoribosyl phosphonate (PRPP) moiety, which is derived from ribose-5-phosphate an intermediate of the pentose phosphate pathway. This metabolic pathway shares glucose-6-phosphate as a substrate with glycolysis and, in addition to ribulose-5-phosphate, generates NADPH. The reaction catalyzed by QPT requires the presence of a bivalent Mg 2þ ion and releases carbon dioxide (CO 2 ) and inorganic pyrophosphate (PPi). Characterization of the purified castor albumen enzyme allowed determination of K m values for quinolinate and for phosphoribosyl pyrophosphate of 12 and 45 lM respectively (Mann and Byerrum, 1974) . This enzymatic step is common in the de novo biosynthesis pathway of animals, fungi, plants, and prokaryotes (Foster et al., 1985; Bhatia and Calvo, 1996) . A unique gene homologous to the nadC bacterial gene encodes QPT in plants (At2g01350 in A. thaliana, Noctor et al., 2006) , with the exception of tobacco, where a second isoform is additionally involved in nicotine production (Ryan et al., 2012) . Interruption of this gene by insertion of a T-DNA is lethal in the homozygous state in A. thaliana (Katoh et al., 2006) . Bioinformatics approaches predict that the enzyme resides in mitochondria and the cytosol in both A. thaliana and tobacco; however, in vivo studies have shown the presence of the protein in the chloroplast (Sinclair et al., 2000 , Katoh et al., 2006 ). An inducible NAD enrichment system by overproducing Escherichia coli QPT in A. thaliana has demonstrated the involvement of NAD in specific mechanisms of defense which govern plant-pathogen interactions (P etriacq et al., 2013, 2016a, 2016b) . Furthermore, deregulation of NAD synthesis by altering endogenous QPT production underlines the critical role of NAD for the coordination of C and N metabolisms under photorespiratory conditions (P etriacq, 2011).
B. The common NAD biosynthesis pathway shared by both the de novo and salvage routes
The conversion of NaMN to NAD þ is achieved in two steps; the adenylation of NaMN to yield nicotinate adenine dinucleotide (NaAD), followed by an amidation of NaAD to give NAD þ Noctor et al., 2006) . The first step is catalyzed by the nicotinate mononucleotide/nicotinamide mononucleotide adenyltransferase (NaMN/NMNAT), and the second by NAD þ synthetase (NADS; Figure 2 ). These enzymatic steps are common to both to the de novo biosynthesis of NAD þ and one of the recycling routes of NAD þ production.
1. Nicotinate/nicotinamide mononucleotide adenyltransferase (NaMN/NMNAT) Mononucleotide nicotinate nicotinamide mononucleotide adenyltransferase (NaMN/NMNAT; EC 2.7.7.18) is the product of the nadD gene in bacteria. The reaction catalyzed by this enzyme requires ATP, Mg 2þ ion and involves nucleophilic attack of the 5 0 phosphate groups of NaMN and ATP. In E. coli, yeast and humans, this enzyme is able to use both NaMN and nicotinamide mononucleotide (NMN) as substrate albeit with a thousand times higher affinity for NaMN (Dahmen et al., 1967; Magni et al., 2004; Lau et al., 2010) . In plants, NMNAT activity was measured in tobacco roots and Jerusalem artichoke tubers. The enzyme purified from tobacco displayed a much lower specific activity in the presence of NMN compared to that measured with NaMN as substrate (0.67 nmol.min À1 .mg À1 for NMN against 3.58 nmol.min À1 .mg À1 for NaMN; Wagner et al., 1986a) . More recently, NMNAT activity was detected in mitochondria of Jerusalem artichoke tubers (Di Martino and Pallotta, 2011) . In this case, the activity preferentially used NMN (3.8 nmol.min À1 .mg À1 for NMN against 0.9 nmol. min À1 .mg À1 for NaMN; Di Martino and Pallotta, 2011) . This NMNAT activity which is specific to the mitochondrial fraction, likely plays an important role in the metabolism of mitochondrial NAD in plants, most probably being involved in the recycling of NMN produced by the catabolism of NAD þ in this compartment ( Figure 3) .
In contrast to plants, human mitochondria cannot import NAD and mitochondrial NAD derives directly from NMM transport and NMNAT3 activity (Palmieri et al., 2009; Nikiforov et al., 2011; Van Linden et al., 2015) . Recently, an additional chaperone function, as shown via protein-protein interaction studies (Zhai et al., 2009) , has been reported for Drosophila NMNAT that includes a potential role in the neuron repair process. This new function relies on alternative splicing of the unique Drosophila N(A)MNAT gene that occurs under stress conditions. In humans, the three different isoforms of NaMNAT are localized in the nucleus, cytosol, and mitochondria (Berger et al., 2005) . The NaMNAT-1 isoform is localized in the nucleus and allows recycling of NMN produced by the catabolism of NAD þ . In A. thaliana, only a single gene (At5g55810) which encodes NaMNAT has been identified and its product uses NaMN as a substrate (Hashida et al., 2007) . If plants encode a single NaMNAT gene, this does not exclude the existence of splice variants that could be responsible for the cytosolic NAMNAT activity and the mitochondrial NMNAT activity detected in Helianthus tuberosus. Strong NaMNAT expression was detected in the male gametophyte, and it appears to be involved in microspore development and pollen tube growth, suggesting that NaMNAT-mediated NAD biosynthesis is activated during pollen maturation (Hashida et al., 2007 (Hashida et al., , 2013a . NaMNAT is also essential for seed germination (Hashida et al., , 2013a . Furthermore, very high expression of NaMNAT was also observed in Arabidopsis differentiated guard cells (Hashida et al, 2010) , where it contributes to ABA-induced stomatal closure (Hashida et al., 2010) .
NAD synthase
Subsequent to the reaction catalyzed by NaMN/ NMNAT, NAD þ synthetase (NADS, EC 6.3.5.1) transforms the NaAD into NAD þ converting the acid functional group of the nicotinate moiety of NaAD Figure 3 . NAD biosynthesis in mitochondria via NMNAT and in cytosol via NaMNAT. ADP: adenine diphosphate; AMP: adenine monophosphate; ATP: adenine triphosphate; Na: nicotinate; NaAD: nicotinic acid adenine dinucleotide; NAD ppase: NAD pyrophosphatase; NaM: nicotinamide; NaMN: nicotinic acid mononucleotide; NDT2: NAD + carrier; NMN: nicotinamide mononucleotide; NaMNAT: nicotinate mononucleotide adenylyltransferase; NMNAT: nicotinamide mononucleotide adenylyltransferase; PeT: photosynthetic electron transport chains; Ppi: pyrophosphate.
into an amide. Mg 2þ is essential in this process because it enables the phosphate group of ATP, stabilizes the leaving group pyrophosphate (PPi), and facilitates the attack of ammonia (NH 3 ; Ozment et al., 1999) . Mycobacterium tuberculosis and Helicobacter pylori are assumed to lack NAD þ recycling pathways; therefore, both NADS and NaMNAT have been prime targets in the search for new antibacterial agents (Warren et al., 1983; Boshoff et al., 2008) . In Arabidopsis, NADS, which is the product of the nadE gene in bacteria and encoded by the At1g55090 gene, lacks a target peptide, suggesting that it is cytosolically localized (Hunt et al., 2004; Katoh et al., 2006; Noctor et al., 2006) . According to the species, NADS either uses NH 3 and/or an amino acid amine donor as substrate. In E. coli, NADS accepts only NH 3 as substrate (K m ¼ 65 mM for NH 4 Cl; Spencer and Preiss, 1967) , whereas yeast and rat enzymes accept both NH 4 Cl (K m ¼ 140 mM) and glutamine (K m ¼ 35 mM) although glutamine (Gln) would clearly be the preferential physiological substrate (Preiss and Handler 1958b) . The plant enzyme preferentially accepts Gln and can use asparagine (Asn) but not NH 3 (Wagner et al., 1986a) . The appearance of the protein's ability to utilize Gln as an amine donor likely results from the acquisition of an additional nitrilase type domain in the C-terminus of the protein (De Ingeniis et al., 2012) that was previously only found in eukaryotes and cyanobacteria (Gerdes et al., 2006) .
In Arabidopsis, NADS overexpression increases the amounts of some NAD biosynthesis intermediates but not the contents of NAD(H) and NADP(H), suggesting that NAD metabolism is increased. The imbalance between NAD generation and consumption in NADoverexpressing plants results in the oxidation of NAD pools. As the consequence, the TCA cycle flux is enhanced and oxidative stress resulted in the early wilting of the flowers and the shortening of plant longevity (Hashida et al., 2016) .
C. Interconversion of NAD(H) and NADP(H)
1. NAD(H) kinase NAD(H) is converted to NADP(H) by an ATPdependent phosphorylation reaction catalyzed by NAD kinase (NADK, EC 2.7.1.23; Hunt et al., 2004) . While a single gene encodes the NADK in human and bacteria, three genes have been identified in Arabidopsis (Hunt et al., 2004; Kawai and Murata, 2008; Waller et al., 2010) , four in monocotyledons, and up to six in Brassica rapa . In many species, NADK isoforms differ according to their calmodulin dependence-or lack of (CaM, Cormier et al., 1981; Allan and Trewavas 1985; Gallais et al., 2000) . For example, spinach has a CAM-dependent cytosolic isoform but an independent chloroplast isoform. Similarly, two CaMdependent NADK have been described in oats but a third isoform is independent of CaM (Gallais et al., 2000) . Finally, in maize, an NAD þ activated CaM kinase is localized at of the outer mitochondrial membrane allowing a rapid response to changes in cytosolic calcium levels (Dieter and Marm e, 1984) . In A. thaliana, NADK1 (encoded by At3g21070) and NADK3 (encoded by At1g78590) are located in the cytosol, whereas NADK2 (encoded by At1g21640) is targeted to the chloroplasts (Turner et al., 2004; Berrin et al., 2005; Chai et al., 2005 Chai et al., , 2006 . If NADK1 and NADK2 use NAD þ as a preferred substrate, NADK3 displays a very strong preference for NADH than NAD þ (Turner et al., 2004 (Turner et al., , 2005 . One of the functions of NADK2, when activated by CaM under the effect of light, is to increase the NADPH/NADP ratio, which results in a change in C and N metabolisms (Heineke et al., 1991 . Recently, the chloroplast-NADK2 was reported to be a positive regulator in guard cell ABA signaling (Sun et al., 2017) . In plants, mitochondrial NADPH and NADP come from transport into the mitochondria (Bykova and Møller, 2001) followed by the action of transhydrogenase activities which interconvert NADH and NADP þ to NAD þ and NADPH (Bykova et al., 1999) . It is thus possible that, as in man, NADPH levels are controlled by the coordinated action of NADK and NADP producing NADPH dehydrogenases (Pollak et al., 2007b) .
Given that an increase in the cytosolic Ca 2þ content is a common factor in the response of plant cells to a variety of stresses, such as cold, salt, or application of abscisic acid (Sanders et al., 2002) . It is conceivable that the CaM-dependent NADK could be an early actor in stress-induced calcium signaling (Hunt et al., 2004) . In A. thaliana, NADK2 plays a leading role in the production of folial NADP(H) (Chai et al., 2005; Hashida et al., 2009) . It is also possible that NADPH production in the perivascular sheaths is performed directly from NADH (Turner et al., 2004) via the action of the CaM-independent NADK3 in response either to stress, developmental signaling. or ABA induction following strong light (Fryer et al., 2003; Chai et al., 2006 , Galvez-Valdivieso et al., 2009 . Dependent on its subcellular location, it is likely to allow sensitive responses to changes in cytosolic calcium levels (Dieter and Marm e, 1984) .
Given the importance of NADPH production in the control of ROS levels required for certain physiological responses, such as ABA-dependent stomatal closure or pathogen defenses, it follows that modulation of NAD(H) kinases activities are potentially involved in these responses (Hunt et al., 2004; P etriacq et al., 2013) . In the light, ferredoxin-NADP reductase (FNR, EC 1.18.1.2) is, however, responsible for the majority of NADPH production in chloroplasts and by extension within the whole cell (Noctor, 2006) . However, others enzymes generating NADPH in plants may be involved in ROS and reducing power management. For example, the enzymes glucose-6-phosphate (G6PDH, EC 1.1.1.49) and 6-phosphogluconate dehydrogenase (6PGDH, EC 1.1.1.44) which successively convert glucose 6-phosphate þ NADP to 6-phosphogluconate þ NADPH then 6-phosphogluconate þ NADP to ribulose 5-phosphate þ CO 2 þ NADPH (Pugin et al., 1997) in the cytosolic and plastid localized pentose phosphate pathway (Dennis et al., 1997) and the non-phosphorylating glyceraldehyde-3-phosphate dehydrogenase (NP-GAPDH, EC 1.2.1.9) of glycolysis converting D-glyceraldehyde 3-phosphate and NADP þ and H 2 O to 3-phospho-D-glycerate and NADPH and H þ (Rius et al., 2008; Piattoni et al., 2013) . In addition, the TCA cycle enzymes isocitrate dehydrogenase NADP in the mitochondria (ICDH, EC 1.1.1.42, converting isocitrate and NADP to a-ketoglutarate and CO 2 and NADPH) (Galvez-Valdivieso et al., 1999) , malate dehydrogenase NADP in plastids (MDH, EC 1.1.1.82, converting malate and NADP into NADPH and oxaloacetate Heyno et al., 2014) , and malic enzyme in the cytosol (ME, EC 1.1.1.40, converting malate and NADP to pyruvate and CO 2 and NADPH; Doubnerov a and Ry slav a, 2011) also function in the regulation of NADP(H) content. Furthermore, the aldehyde dehydrogenases (ALDH, EC 1.2.1.3) present in the plastids, mitochondria and cytosol (Sunkar et al., 2003; Hou and Bartels, 2014) and the bifunctional enzyme methylenetetrahydrofolate dehydrogenase/methenyltetrahydrofolate cyclohydrolase (MTHD/MTHCH, EC 1.5.1.5, converting 5,10-methylene-tetrahydrofolate and NADP into 10-formyl tetrahydrofolate and NADPH), located in the cytosol and the mitochondria (Cossins et al., 1993; . Kirk et al, 1995) , also contribute considerably to the NADP(H) balance.
NADP phosphatase (NADPPase)
NADP may also be converted to NAD þ by a phosphatase activity. The NADPPase activity (EC 3.1.3.-) was initially detected in rat liver mitochondria (Richter, 1987) and subsequently in bacteria (Reidl et al., 2000; Kawai et al., 2004) . It has been shown that its activity is correlated to the circadian rhythm in Euglena (Laval-Martin et al., 1990) and seed dormancy in oat, however, to date the protein is only partially purified (Gallais et al., 2000) .
In Avena sativa, two proteins were extracted from caryopses embryos, one 37 kDa, and the other 160 kDa. The former displaying an activity that is four times lower than the latter but a very high substrate specificity for NADP þ (Gallais et al., 2000) . More recently, an inverse correlation between NADK and NADPPase activities in A. thaliana was associated with a difference of dormancy between the studied ecotypes (Hunt and Gray, 2009 ). That said, in the absence of known protein sequence and cloning of the gene encoding this protein, very less information is currently available on the NADPPase. However, in archaea, it is suggested that this activity could be produced by a bifunctional protein exhibiting NADPPase/NADK activities with the activity of NADPPase probably being carried by an inositol monophosphatase/fructose bisphosphatase type domain (Kawai and Murata, 2008) . However, as yet, no enzyme classification (EC) number has been provided for such an enzyme according to the Brenda database (http://www.brenda-enzymes.org/) of the University of Braunschweig (Schomburg et al., 2014) .
D. The metabolism of NAD 1
Beyond its role in redox mechanism, NAD þ is catabolized by enzymes involved in cellular signaling processes (Hunt et al., 2004; Noctor et al., 2006) . These processes involve cleavage of ribose linked nicotinamide which either occurs at the diphosphate bridge that joins the two nucleotides or at the b-N-glycosidic bridge linking ADP-ribose and nicotinamide. Both processes release a large amount of energy. Several enzymes are able to break the glycosidic bond of the NAD þ molecule nicotinamide alternatively releasing cyclic ADP-ribose (cADPR), the free ADP-ribose or ADP-ribose conjugated to proteins.
Utilization of NAD and NADH by adenosine-5'-
diphosphateribosyl-cyclase (ADPR cyclase) Production of cADPR has been extensively studied in Aplysia californica, a marine gastropod, in which nerve transmission mechanisms and signaling are well characterized. cADPR is one of three molecules, alongside inositol 1,4,5 tris-phosphate (IP3) and nicotinic acid adenine dinucleotide phosphate (NAADP), capable of inducing an intracellular calcium release (Allen et al., 1995) . cADPR is a second messenger whose primary function appears to be in the physiological depolarization of neurons in Aplysia. ADPR cyclase (EC 3.2.2.6) catalyzes the cleavage of NAD þ and binds the remaining two ends of the molecule to produce the cADPR ( Figure 4 ; Lee and Aarhus, 1991) .
In A. thaliana, cADPR synthesis activity was detected in protein extracts of seedlings treated with ABA. On the supply of radioactive NAD þ radiolabeled cADPR protein was detected (S anchez et al., 2004) . In plants, cADPR involvement in stomatal closure was demonstrated using the pharmacological approach with drugs blocking cADPR synthesis or its agonists reducing ABA-triggered stomatal closure. In addition, microinjection of cADPR mimics the ABA effect (Wu et al., 1997; Leckie et al., 1998) , whilst calcium release was also demonstrated by patch-clamp experiments using sugar beet vacuoles (Allen et al., 1995) , following the injection of cADPR. Therefore, cADPR can be considered as an actor of signaling cascades in plants. cADPR is also involved in the cytokinin signaling pathway in A. thaliana (Hwang and Sheen, 2001; S anchez et al., 2004) . In addition, a human ADPR cyclase (CD38, Lee, 2012) was expressed in the apoplast of A. thaliana to degrade apoplastic NAD þ suggesting that only NAD þ , not cADPR or NaADP was involved in mechanisms of plant defense (Zhang et al., , P etriacq et al., 2013 . However, more recent work has shown that the dose-dependent fluctuation of the cytosolic calcium pool following NAD treatment could be caused by a cADPR production under pathogen attack (P etriacq et al., 2016a, 2016b) .
The nicotinate adenine dinucleotide phosphate (NaADP), produced by ADPR cyclase (EC 3.2.2.5) by deamination of NADP, is also involved in calcium signaling in many organisms including plants (Navazio et al., 2000; Navazio et al., 2001; Guse and Lee, 2008) . As yet the synthesis of NAADP is not fully understood, however, it appears to also be a product of ADPR cyclase, on a reaction base exchange of NADP with nicotinic acid (Figure 4 ; Chini et al., 2002) . In mammals, the ADPR cyclase is also involved in the production of ADPR via the activities cADPR hydrolase (EC 3.2.2.6, linearization cADPR; Genazzani et al., 1996; Zielinska et al., 2004) and NADase (or NAD þ glycohydrolase; EC 3.2.2.5) which allow it to cleave NAD þ to nicotinamide and ADPR (Liu et al., 2009a) . In plants, these activities are also presumed to be present given the existence of the metabolites produced by these enzyme activities within plant tissues (Hunt et al., 2004) .
Utilization of NAD þ by mono-and poly-
ADPribose polymerases (PARP) Another major non-redox utilizer of NAD þ is the reaction catalyzed by the various isoforms of poly-ADPribose polymerase (PARP; EC 2.4.2.30). These proteins transfer one or more ADP-ribose groups to proteins using NAD þ as an acceptor (Hunt et al., 2007) . PARP is involved in a large number of fundamental processes such as DNA repair, modifications, and decompaction of chromatin by regulating the methylation patterns of DNA, gene transcription, cellular apoptosis, and telomere length (Caiafa et al., 2009; B€ urkle, 2001; Briggs and Bent, 2011; Lamb et al, 2012; Swindall et al., 2013) .
The best characterized member of the PARP protein family is the human PARP1 (Swindall et al., 2013) , which consists of three domains: (i) an N-terminal domain which acts as a detector of broken DNA, (ii) a central automodification domain which is involved in the recruitment of enzymes associated with the repair mechanism via the excision of bases, and (iii) the C-terminal catalytic domain which carries the ADP-ribosylation activity (De Murcia and M enissier de Murcia 1994). A. thaliana encodes three isoforms of PARP: (i) PARP2 (Counterpart of human encoded PARP1 by At2g31320), (ii) the PARP3 (counterpart human encoded PARP2 At5g22470) lacking the N-terminal domain canonical detector zinc finger breaks in DNA, and (iii) PARP1 (homolog of the male encoded PARP3 At4g02390), lacks the canonical N-terminal domain and but contains a central SAP domain binding to DNA (Briggs and Bent, 2011; Lamb and et al, 2012; Bianchi and De Maio, 2014) . Plants also contain PARP-like proteins, called ORS (for "one RCD similar") which contain the PARP catalytic domain. There are two types of ORS, one present in all plants and another group named RCD (for "Radical Cell Death"; Ahlfors et al., 2004) that are only present in Eudicots (Lamb et al., 2012) . This protein group lacks the ability to poly(ADP)-ribosylate targets but rather ubiquitously catalyzes mono-ADPribosylation (Briggs and Bent, 2011) .
When a PARP protein binds to a broken DNA strand, its catalytic activity is activated. NAD þ is then used for the poly(ADP)ribosylation of the PARPs themselves as well as transcription factors present at the fracture site. These changes in transcription factors prevent their association with their DNA binding site, blocking the formation of the complex which initiates transcription and thereby preventing a transcription of the broken DNA. The self-modifications of PARP furthermore dissociates PARP from the DNA, releasing the access of DNA repair proteins (Oei et al., 1998; Oei and Ziegler, 2000) .
PARPs are involved in responses to various stresses in many organisms including plants (Doucet-Chabeaud et al., 2001; De Block et al., 2005; Ying et al., 2003; Pellny et al., 2009; Vigani and Zocchi, 2009; Adams-Phillips et al., 2010) , whereas ORS is involved solely in the maintenance of redox homeostasis (Ahlfors et al., 2004; Liu et al, 2014a) . As described above, the poly(ADP)-ribosylation (parpylation) is a posttranslational modification of proteins which adds ADP-ribose groups to protein acceptors. These changes are reversible on the action of poly-ADP-ribose glycohydrolases (PARG), which hydrolyze the ADP-ribose protein polymers. The ADP-ribose released by PARG does not accumulate but is rather subsequently hydrolyzed by Nucleoside Diphosphate linked to X (NUDIX) hydrolases ( Figure 4 ).
Poly-ADP-ribose glycohydrolases (PARG)
As mentioned above protein modification by PARylation can be reversed by poly-ADP-ribose glycohydrolases (PARG; EC 3.2.1.143), which catalyze the hydrolysis of the glycosidic linkage of ADP-ribose polymers to liberate free ADP-ribose. These enzymes have both endo-and exoglycosidase activity (Davidovic et al., 2001) . The A. thaliana genome contains two adjacent PARG genes (At2g31870 and At2g31865), derived from a duplication event (Bowers et al., 2003) . Generally, plants contain several PARG genes, whereas animals have only one member which encodes several isoforms (Briggs and Bent, 2011) . In plants, PARGs are localized in the nucleus, cytosol, and mitochondria (Bonicalzi et al., 2005) and appear to be involved in cell death and pathogen defense (Adams-Phillips et al., 2008; Adams-Phillips et al., 2010) .
Utilization of NAD þ and its derivatives by
Nudix hydrolases The Nudix hydrolases (EC 3.6.1.13) are enzymes that cleave the pyrophosphate bridge of molecules derived from nucleoside diphosphates including di-and nucleoside triphosphate and their oxidized forms, dinucleoside polyphosphates, nucleotide sugars, NADH, NADPH, coenzyme A, and rotator unmethylated DNA (Kraszewska, 2008; Song et al., 2013) . They were originally discovered in E. coli as suppressor mutations linked to the oxidation of 8oxo-dGTP (Bessman et al., 1996) yet are a large enzyme family present in all organisms catalyzing the hydrolysis of a highly variable range of substrates including many derivatives of nucleoside diphosphates (Kraszewska, 2008) . They, thus play an important role in allowing the control of the cellular concentration of their substrates. In plants, Nudix hydrolases which cleave NAD(P)H produce nicotinamide and the AGP (or ADP in the case of NADPH) (AtNUDT 1, 2, 6, 7,10, 19) (Dobrzanska et al., 2002; Klaus et al., 2005; Ogawa et al., 2005 Ogawa et al., , 2008 Olejnik and Kraszewska, 2005; Jambunathan and Mahalingam, 2006; Ge and Xia, 2008; Ishikawa et al., 2010a; Jambunathan et al., 2010; Yoshimura et al., 2014) , whereas those that metabolize ADP-ribose produce free AMP and ribose -5 phosphate (AtNUDT2, 6, 7, 10, 14; Ogawa et al., 2005; Olejnik and Kraszewska, 2005; Jambunathan and Mahalingam, 2006; Muñoz et al., 2006; Ogawa et al., 2008; Jambunathan et al., 2010) . Other Nudix hydrolases use either Coenzyme A (AtNUDT11, 15 and potentially 22; Ogawa et al., 2005; Kraszewska, 2008; Ogawa et al., 2008; Kupke et al., 2009 ), FAD (AtNUDT23; Ogawa et al., 2008) , adenosine phosphate (AtNUDT4, 12, 13, 16, 17,18, 21, 25, 28, 29, Olejnik and Kraszewska, 2005; Kraszewska, 2008; Ogawa et al., 2008; Szurmak et al., 2008) The physiological functions of these reactions in the metabolism of NAD þ are likely either to prevent the accumulation of NADH and thus inhibit oxidative metabolism or release ADP-ribose which can affect a large number of processes (McLennan, 2006; Briggs and Bent, 2011) . ADP-ribose is generated either by (i) the PARG, (ii) the ADPR cyclase, (iii) dephosphorylation of ADP-ribose-1 0 -phosphate produced during NAD þ -dependent RNA splicing (Shull et al., 2005) , or (iv) the deacetylation of O-acetyl-ADP-ribose released by the operation of the NAD þ -dependent Sir2 type histone deacetylase (Moser et al., 1983; Pfister et al., 2001) .
Utilization of NAD þ by histone deacetylases
type SIRT Gene expression in eukaryotes is, in part, controlled by the level of NAD þ by a mechanism relying on epigenetic modifications of the genome. PARylation of proteins by PARP regulates the methylation patterns of DNA. NAD þ is also involved in the process of acetylation/deacetylation of histones through SIRT type histone deacetylase. These Sir2 ("Silent Information Regulator 2") type histone deacetylases also called sirtuins (abbreviated to SIRT in yeast and SRT in plants), are histone deacetylases which use NAD þ as substrate (Imai et al., 2000) . The SRTs differ from other histone deacetylases on the bases of their substrate specificity, their sequences, and their protein structures (Hollender and Liu, 2008; Ma et al., 2013.) . Sirtuins (EC 3.5.1.98) catalyze an NAD þ -dependent deacetylation of acetyl-Lys in proteins and thereby produce a deacetylated Lys, as well as the metabolites nicotinamide and 2 0 -O-acetyl-ADP-ribose ( Figure 4 ). In plants, acetylation/deacetylation by e N lysine residues of histone affects the regulatory mechanisms of the transcription and chromatin functions (Hollender and Liu, 2008) . Indeed, histone acetylation has consequences on chromatin structure. The added acetyl group neutralizes the positive charge of histone tails that allowing a relaxation of DNA-histone interactions and inter-nucleosomes. This renders chromatin more flexible and more accessible to transcription factors. In general, histone acetylation causes decondensation of chromatin thus allowing transcriptional activation. By contrast, the deacetylation of histone rather represses transcription because it allows the chromatin to close in on itself. Thus, Sirtuins have recently emerged as regulatory elements of longevity, cell survival, apoptosis, and metabolism in a range of different heterotrophic organisms (Houtkooper et al., 2012) . Indeed, it has recently been demonstrated that several proteins involved in primary metabolism in the model plant A. thaliana are acetylated, including the large subunit of Rubisco and the plastid and mitochondrial ATP synthases with these post-translational modifications giving rise to a change the biochemical properties of the enzymes (Finkemeier et al., 2011; Wu et al., 2011) . In addition, in A. thaliana, the histone deacetylase SRT2 has been demonstrated to interact with proteins of the inner membrane, such as ATP synthase and ATP carriers, is involved in the coupling between mitochondrial respiration and ATP synthesis (K€ onig et al., 2014) .
Based on phylogenetic analyzes, there are five classes of sirtuins (I to V), however, not all of them possess only a e N deacetylase activity. Some, such as Class III mammalian SRT, also possess additional lysine succinylase and demalonylase activities (Du et al., 2011) . The most studied belong to the class I (Houtkooper et al., 2012) , those of class II contain an additional ADP ribosyltransferase activity, whilst the mammalian SIRT4 activity regulates mitochondrial glutamate dehydrogenase (GDH, EC 1.4.1.4) activity (Haigis et al., 2006) . The plant genome contains only two genes encoding Sirtuins. One is a homolog of mammalian SIRT6 and the other of mammalian SIRT4 (Huang and Tindall, 2007; Greiss and Gartner, 2009; Hu et al., 2009; Zhong et al, 2013; K€ onig et al., 2014) . The homolog SIRT6, also called SRT1, is localized in the nucleus Wang et al., 2010) , whereas the counterpart of SIRT4, SRT2, is dual localized to the mitochondria and nucleus (Chung et al., 2009; Hu et al., 2009; K€ onig et al., 2014.) . In plants, these Sirtuins also have a role in the response to stress, defense against pathogens and the suppression of the movement of transposable elements (Wang et al., 2010; Zhong et al., 2013) .
E. The salvage pathway(s) of NAD 1 biosynthesis
All plant species have at least two routes by which they recycle NAD þ : (i) via the nicotinamide mononucleotide which is regenerated to NAD þ in a single step and (ii) via nicotinamide itself which allows the regeneration of NAD þ following several enzymatic steps ( Figure 2 ).
The direct recycling route via nicotinamide mononucleotide
The nicotinamide mononucleotide (NMN) is generated by breaking the diphosphate link of the NAD þ molecule via the action of NAD diphosphatases (EC 3.6.1.22), such as the nudix hydrolases. It can be converted to NAD þ in a single step catalyzed by nicotinamide mononucleotide adenyltransferase (NMNAT, EC 2.7.7.1, Figures 2 and 3 ). In plants, the activity was first measured in purified mitochondrial fractions of Jerusalem artichoke (H. tuberosus; Di Martino and Pallotta, 2011) . In this study, the authors failed to detect NMNAT activity in non-mitochondrial fractions. However, the purified NMNAT proteins also exhibited NaMNAT activity albeit with a lower affinity for NaMN. A single gene encoding a NaMNAT/ NMNAT (At5g55810) appears in A. thaliana databases (Hashida et al., 2007) , suggesting that a single gene encodes several isoforms addressed to different subcellular compartments. Interestingly, whilst most living organisms harbors a bifunctional protein carrying both NaMNAT and NMNAT activities (Berger et al., 2004) . However, thus far no extra-mitochondrial NMNAT activity has been discovered suggesting that NAD þ recycling occurs by other routes in the other subcellular locations. Furthermore, enzymatic analysis of the plant enzyme by Wagner and coworkers is somewhat contradictory. On the one hand, both NaMN/NMNAT activities were measured suggesting a single enzymatic entity accepted both NaMN and NMN as substrates. However, nicotine induction resulted in preferential induction of NMNAT above NaMNAT indicating that the activities may be carried on independent polypeptides (Wagner and Wagner, 1985; Wagner et al., 1986a; Wagner et al., 1986b) .
2. The ADPR cyclase-PARP-sirtuin recycling route of nicotinamide Nicotinamide, released by the cleavage of NAD þ , is deaminated by nicotinamidase (EC 3.5.1.19, Figure 2 ), to yield nicotinate (Ryrie and Scott, 1969; Ashihara et al., 2005) , which is subsequently converted to NaMN via the action of nicotinate phosphoribosyltransferase (NaPT, EC 6.3.4.21 Figure 2 ).
Nicotinamidase. The bacterial nicotinamidase contains an Asp-Lys-Cys catalytic triad similar to those found in other amidases and its activity is dependent on the interaction with Zn 2þ ions (Du et al., 2001) . Nicotinamidase activity has been measured in several plant species (Schippers et al., 2008; Katahira and Ashihara, 2009 ). Three Arabidopsis genes encode nicotinamidases At2g22570, At5g23230, and At5g23220 called NIC1, NIC2, and NIC3, respectively, which exhibit strong sequence homologies with the isochorismatase (EC 3.2.2.1) enzymes that degrade salicylic acid (Hunt et al., 2004; Wang and Pichersky, 2007; Liu et al., 2014) . The NIC1 gene is strongly induced in response to ABA treatment, whilst the NIC2 gene is highly expressed in seeds (Hunt et al., 2004) . It is commonly accepted that mammals lack nicotinamidase (Hunt et al., 2004; Chappie et al., 2005; Noctor et al., 2006) . The existence of a nicotinamidase activity was reported in rat liver protein extracts (Petrack et al. 1963) . However, in 1971, it was demonstrated that physiological concentrations of nicotinamide were not converted into nicotinate in this tissue (Keller et al., 1971) . By contrast, nicotinamide is converted directly to NaMN by nicotinamide phosphoribosyltransferase (NAMPT, EC 2.4.2.12), which was not detected in plants (Wagner et al, 1986a; Wang and Pichersky, 2007; Katahira and Ashihara, 2009 ).
Nicotinate phosphoribosyltransferase. Nicotinate is converted by the NaMN nicotinate phosphoribosyltransferase (NaPT, EC 6.3.4.21), in bacteria (Sorci et al., 2010) . The NaPT transfers nicotinate onto 5-phosphoribosyl-1-pyrophosphate (PRPP) to form NaMN with the chemical reaction catalyzed by this enzyme very similar to that catalyzed by QPT with the exception of the decarboxylation step. Two genes encode this enzyme in A. thaliana: (i) NaPT1 (At4g36940) and (ii) NaPT2 (At2g23420). The NaPT activity was measured in potato tubers (Katahira and Ashihara, 2009 ) and also in Arabidopsis (P etriacq, 2011) . Increased levels of NAD þ in response to an exogenous supply of quinolinate correlated with increased levels of nicotinate and NaPT activity in Arabidopsis suggesting stimulation of the recycling pathways in response to an increased production of NAD þ (P etriacq, 2011). Radiolabel feeding experiments using 14 C-nicotinate or 14 C-quinolinate highlighted that NaPT and QPT contribute equally to NAD þ synthesis in barley leaves (Ryrie and Scott, 1969) .
Increased NaPT activity is also observed when de novo synthesis is disrupted in response to a mutation that affects the catalytic competence of an enzyme involved in the de novo biosynthesis pathway (Schippers et al., 2008) . In this case, activation of NaPT2 compensates for the failure of de novo synthesis (Schippers et al., 2008) . In mammals, the NaPT activity contributes significantly to the production of NAD þ (Hara et al., 2007) .
The enzymes common to the de novo synthesis and recycling pathways. Two enzymes are common to the de novo NAD þ biosynthesis pathway and to the recycling of nicotinamide and nicotinate: NaMNAT and NADS, presented in the de novo biosynthesis of NAD in plants section above. NaMN thus represents the junction between these two metabolic pathways.
3. Other ways of recycling NAD þ connected to the pyridine nucleotide cycle As described above, the pyridine nucleotide cycle coupled with NMNAT activity render it possible to regenerate NAD þ pools ( Figure 2 ). Other processes using hydrolases also generate derivatives of NAD and NMN which can then be recycled. Furthermore, other biosynthetic pathways using metabolic intermediates of pyridine nucleotide cycle and produce storage forms of these nucleotides as well as pyridine alkaloids ( Figure 2 ).
Recycling NAD via NMN. The Nudix hydrolases cleave NAD þ into NMN and AMP, and NMN is then recycled to NAD þ by NMNAT activity. However in plants, thus far the NMNAT activity was only detected in the mitochondrial compartment (Di Martino et al., 2013) . Other enzymes than Nudix hydrolase, from the family of nucleotide hydrolases (or nucleotides diphosphatases), are, however, present in all subcellular compartments. They cleave NAD þ and produce NMN in cells (Medda et al., 2000; Moorhead et al., 2003) . The NMN product, which is not converted to NAD by NMNAT, feeds the pyridine nucleotide cycle by conversion to nicotinamide ( Figure 2 ). Radiolabeling experiments with NAD þ and its precursors have shown that plant species produce nicotinamide both directly and via NMN (Ashihara et al., 2011) . In lentil (Lens esculenta), a protein with nucleotide diphosphatase activity was purified. This protein was able to use all of the pyridine nucleotide as a substrate but exhibited the strongest affinity for NADH (Medda et al., 2000) .
Production of nicotinate from NMN in a single step: Tobacco (Nicotiana tabacum), coffee (Coffea arabica), tea (Camellia sinensis), and cocoa (Theobroma cacao) produce nicotinamide in one step from NMN. This step is catalyzed by nucleosidase or NMN glycohydrolase (EC 3.2.2.14; Figure 2 ) (Tarr and Arditti, 1982; Wagner and Wagner, 1985; Zheng et al., 2004; Ashihara and Deng, 2012) .
Production of nicotinate from NMN in two steps via nicotinamide riboside: Tea, Madagascar periwinkle (Catharanthus roseus), gymnosperms, potatoes, and Fabaceae produce nicotinamide in two steps from NMN. The first step is catalyzed by a 5 0 nucleosidase which converts NMN to nicotinamide riboside (EC 3.1.3.5, Figure 2 ). The second enzyme, nicotinamide nucleoside phosphoribohydrolase (EC number undetermined; Figure 2 ), catalyzes the conversion of nicotinamide to nicotinamide riboside (Koster et al., 1989; Ashihara et al., 2005; Katahira and Ashihara, 2009; Ashihara and Deng, 2012) .
Production of nicotinate mononucleotide from NMN in three steps: In potato, it is possible to produce NaMN from NMN in three steps. Following synthesis of nicotinamide riboside, it is deaminated to nicotinate riboside (NaR) by nicotinamide riboside deaminase (EC indeterminate; Figure 2 ). The NaR is subsequently phosphorylated to NaMN by NaR kinase (EC 2.7.1.173; Figure 2 ) (Koster et al., 1989; Katahira and Ashihara, 2009 ).
De novo nicotinate synthesis. Nicotinate is produced in plants in two main ways. One way is via the pyridine nucleotides, described above, involving nicotinamidase after conversion of NAD þ to nicotinamide. The second route of de novo nicotinate biosynthesis is present in all plant species studied. It consists of the synthesis of nicotinate from NaMN in one or two steps ( Figure 2 ). This route utilizes the excess NaMN from the de novo synthesis of NAD þ to synthesize molecules, such as storage nicotinate, NaR, and nicotinate-derived secondary metabolites ( Figure 2 ).
One step de novo nicotinate synthesis: Castor (Ricinus communis), tobacco, and the Madagascar periwinkle and gymnosperms can synthesize nicotinate in a single step catalyzed by NaMN nucleosidase (EC 3.2.2.14; Figure 2 ) (Waller et al., 1966; Mann and Byerrum, 1974; Wagner et al., 1986b; Ashihara et al., 2005) .
Two steps de novo nicotinate synthesis: Coffee, tea, potatoes, and the Fabaceae produce nicotinate in two steps from NaMN. The first step is catalyzed by a 5'nucleosidase which converts NaMN in NaR or nicotinate riboside (EC 3.2.2.-, Figure 2 ). The second step catalyzes the conversion of NaR to nicotinate by the NaR nucleosidase (EC number undetermined) (Koster et al., 1989; Zheng et al., 2004; Zheng et al., 2005; Matsui et al., 2007; Matsui and Ashihara, 2008; Yin et al., 2008; Katahira and Ashihara, 2009; Ashihara and Deng, 2012) .
Nicotinate conjugation. Nicotinate accumulation has been demonstrated to be toxic for plant cells (Li et al., 2015) . Plants have evolved to deal with nicotinate accumulation by methylation or glucosylation of the molecule (Li et al., 2015 , leading to NA-conjugates trigonelline and nicotinate glucoside, respectively ( Figure 2 ). Trigonelline is a pyridine alkaloid widely distributed in land plants and was first isolated from fenugreek seeds (Trigonella foenum-graecum; Jahns, 1885). Its precise regulatory functions have to be established, its production may have facilitated the retention of the Press-Handler recycling pathway in plants . However, demethylation of trigonelline appears to proceed too slowly to fuel maintenance of the nicotinate pool (Upmeier et al., 1988; Willeke et al., 1979) . In Brassicacae, nicotinate glucoside also functions as a mobilizable storage form for NAD þ and may function to protect plant cells from the toxicity of nicotinate accumulation during seed germination (Li et al., 2015) . In addition to their detoxification functions, Na-glucoside recycling may also contribute to plant NAD þ resynthesis (Upmeier et al., 1988; Schwenen et al., 1986) .
F. Regeneration of NAD(P)H from their hydrated forms
Many metabolites are subject to changes that may occur spontaneously or under the mis-action of enzymes (Golubev, 1996; D'Ari and Casades us, 1998; Tawfik, 2010) , and the products of their reactions can be useless and even toxic (Linster et al., 2013) . This is particularly the case for coenzymes and cofactors which are inherently chemically reactive compounds and thus require effective repair systems (Linster et al., 2013) . NADH and NADPH may undergo spontaneous or enzymatic hydration at the C-6 position to yield hydrates of these compounds, called S and R NADHX and NADPHX which are epimers of one another (that is to say, differing only by the configuration of their asymmetric center) (Rafter et al., 1954; Oppenheimer and Kaplan, 1974; Marbaix et al., 2011) . Spontaneous hydration of NAD(P)H is favored at low pH and high temperature (Linster et al., 2013) .
Enyzmatic hydration is carried out by a secondary reaction of the glycolytic enzyme glyceraldehyde-3phosphate dehydrogenase (GAPDH; EC 1.2.1.12). NADHX and NADPHX cannot act as electron donors or acceptors and they both inhibit dehydrogenases, which renders them toxic (Yoshida and Dave, 1975) . Both hydrates are converted to NADH or NADPH by a specific S-form ATP or ADP-dependent dehydratase (EC4.2.1.136, NNRD for "nicotinamide nucleotide repair dehydratase"; Figure 5 ). R forms are forms interconverted to S-forms by a nicotinamide nucleotide repair epimerase (EC 5.1.99.6, NNRE for "nicotinamide nucleotide repair epimerase"; Figure 5 ; Acheson et al., 1988; Colinas et al., 2014; Niehaus et al., 2014) . These enzymatic activities are found in all living kingdoms and are carried out by the same polypeptide in archaea and most bacteria. However, in eukaryotes they are performed by two distinct polypeptides. In plants, these two enzymes are localized in the cytosol, mitochondria and plastid (Colinas et al., 2014; Niehaus et al., 2014) . Spontaneously, The NAD(P)HX can cyclize and yield cyclic NAD(P)HX which cannot be repaired either by the NAD (P)HX epimerase or the NAD(P)HX dehydratase. However, this cyclized form is less toxic to the cell (Colinas et al., 2014; Niehaus et al., 2014.) .
II. Subcellular localization and transport of NAD 1 and derivatives
A. Intracellular distribution of pyridine nucleotides
The distribution of NAD þ pools among subcellular compartments is a crucial issue in order to precisely understand the functions of NAD þ but also the regulation of its biosynthesis and renewal. Because of their high importance in cellular metabolism, most studies measuring the levels of pyridine nucleotides have focused on NAD þ and NADP. It is generally accepted that these nucleotides are unlikely to move among cells although their precursors, as well as certain derivatives, can be transported between tissues. Most of the levels reported in the literature required extraction followed by enzymatic measurement methods. A major challenge in this technique is to avoid changes in the state of metabolites during the sample preparation. This problem becomes particularly acute when cell fractionation is required before analysis. Artifacts can arise as a result of exchanges between subcellular compartments during fractionation and changes in the redox state of the molecules because these techniques disrupt cellular integrity and function. Techniques including non-aqueous fractionation or silicon oil separation of protoplasts under acidic or alkaline buffers were used to overcome these difficulties. Although relatively slow, the first technique prevents leakage and fixes the metabolic state, while the second method is faster, but includes a protoplast preparation step (Stitt et al., 1982; Gardestr€ om, 1987; Heineke et al., 1991) . Such fractionation methods have been used for measuring levels of NAD pools in the cytosol, mitochondria, and chloroplast ( Figure 6 ; Heineke et al., 1991; Igamberdiev and Gardestr€ om, 2003; Szal et al., 2008) . The levels of NAD þ and NADP in these compartments were found to vary under light conditions in a range from 0.1 mM to 2 mM, which is similar to intracellular concentrations in yeast (Bogan and Brenner, 2008) and also was similar to what was found in isolated chloroplasts (Takahama et al., 1981) . Because of the operation of photosynthesis, the NADP(H) pool is the highest in the chloroplast. The NAD(H) pools are most important in the mitochondria. However, if we look at the contribution of each compartment according to the occupied cell volume (Winter et al., 1994) , the pool of cytosolic NAD þ contributes the bulk of cellular NAD þ . The redox state of these pools also varies on a compartmental basis. In the light, pools of NAD and NADP are up to 10 and 6 times more reduced, respectively, in the mitochondria than in the cytosol and chloroplasts (Heineke et al., 1991; Igamberdiev and Gardestr€ om, 2003; Szal et al., 2008) . In effect, the contents of NADP þ and NADPH vary considerably during the dark to light transition even temporarily equalizing in the half-hour following illumination (Heber and Santarius, 1965) . Very less information is available in the literature concerning (i) the contents of NAD þ and NADP in the other compartments in plants such as the vacuole, peroxisomes, and nucleus and (ii) the levels of the metabolic intermediates (Gu erard et al., 2011; P etriacq et al., 2012) . Techniques are currently under development in several laboratories that aim to measure the levels of NAD þ and NADP in the nucleus in order to better understand their impact on epigenetic control mechanisms. New techniques are also being developed to quantify in situ the levels of pyridine nucleotides within compartments using microscopy techniques include multi-photon microscopy applied to NAD(P)H (Denk et al., 1990; K€ onig, 2000; Maulucci et al., 2014 ; Morris-Blanco et al., 2014), using a probe of poly (ADP) coupled to ribosylation immunohistochemical detection (Nikiforov et al., 2011) or DUAL-PAM fluorescence detectors to measure plastid NADPH pools (Kauny and S etif, 2014) . The levels usually reported for the pyridine nucleotide do not distinguish between free levels and those bound to proteins, and it is thus possible that the available NAD þ content is limiting the operation of enzymes. In mammals, it has been estimated that 50% of the NAD þ pool of erythrocytes is free (Canepa et al., 1991) . Work on plant mitochondrial fractions determined that in this compartment 30 to 50% NAD þ was bound to proteins while only 25% of NADH was in the free state (Hagedorn et al., 2004) . These results were confirmed by other studies showing that the free NADH levels were maintained constant regardless of the content of NADH bound to proteins (Kasimova et al., 2006) . , 2006) . These shuttles maintain a balance between consumption and production of NAD(P)dependent reducing power and are found throughout living systems (Stein and Imai, 2012; Hummel and Gr€ oger, 2014; Kato and Lin, 2014) . Indeed, many metabolite exchange systems are able to transfer redox equivalents through the mitochondrial membrane and chloroplast and thereby link the NAD pools of the different subcellular compartments ( Figure 7 ; Raghavendra and Padmasree 2003; Scheibe et al., 2005; Foyer et al., 2009) . These systems include the triose phosphate/3-phosphoglycerate shuttle, the malate/oxaloacetate shuttle and the malate/aspartate shuttle (Day and Wiskich 1981; Journet et al., 1981 , Heineke et al., 1991 . The glutamate/2-oxoglutarate shuttle, which is essential for nitrogen assimilation and ammonium reassimilation, is also potentially involved in the exchange of redox equivalents (Woo et al., 1987) . There are also exchange systems that link the NAD þ pools of the peroxisome and cytosol (Reumann et al., 1994) . In animals, yeasts and plants, G3PDH localized on the inner membrane of the mitochondrion is believed to take part in the shuttle of redox equivalents between the mitochondria and cytosol (EC 1.2.1.12; Shen et al., 2003; Shen et al., 2006) . The catalytic site of the G3PDH is facing the cytosol, which allows it to oxidize cytosolic NADH as the mitochondrial NADH dehydrogenases do (EC 1.6.5.3; Rasmusson et al., 2004; Shen et al., 2006) . The mitochondrial G3PDH is, therefore, very important for the oxidation of glycerol to generate energy from lipid reserves in germinating seeds and young seedlings (Shen et al., 2003) .
C. The intracellular transport of pyridine nucleotides
Despite the existence of these high-throughput redox exchange systems, available data on the biosynthesis of NAD þ in cells suggests direct entry of pyridine nucleotides in the organelles. Indeed, as early as 1983, a slow absorption of NAD þ was observed by purified plant mitochondria (Neuburger and Douce, 1983; Neuburger et al., 1985) . Since then, two types of carriers capable of transporting the nucleotides across mitochondrial and plastid membranes were identified, namely NDT1 and NDT2 located at the chloroplast and mitochondria membranes, respectively. NDT1 and NDT2 can exchange NAD þ for NaMN, NMN, or NaAD, as well as against other nucleotides such as ADP or AMP but cannot exchange for nicotinamide or nicotinate (Palmieri et al., 2009) . Indeed, it has been subsequently shown that the NMN and, to a lesser extent, the NaMN could be imported into the mitochondria and converted to NAD þ in the Jerusalem artichoke (H. tuberosus; Di Martino and Pallotta, 2011). In humans, the mitochondrial pyridine nucleotide carrier preferentially transports NMN, which subsequently serves as the substrate for NMNAT to generate NAD þ in the mitochondrial compartment (Nikiforov et al., 2011) . It was also demonstrated that the NADP þ can be imported into isolated mitochondria, suggesting that there is an NADP þ carrier in the inner membrane of plant mitochondria (Bykova and Møller, 2001) . NAD þ and NADH may also be carried across the peroxisome membrane by a shuttle called PXN. This shuttle transports NAD þ nucleotides, NADH, ADP, and AMP and can also carry the coenzyme A (CoA), dephospho-CoA, acetyl-CoA, and adenosine 3 0 , 5 0 -phosphate (PAP) (Agrimi et al., 2012) . PXN is used to supply the peroxisome with the Acetyl CoA and NAD þ required for optimal degradation of fatty acids as well as the remobilization of lipid reserves, particularly those dependent on b-oxidation (Bernhardt et al., 2012) .
It is commonly accepted that the free NAD þ passes through the nuclear pores to be used by PARP and bind to proteins such as histones like Sirtuin type deacetylase as well as transcription factors regulated by pyridine nucleotides, such as NPAS2 and CtBP (Zhang et al., 2002; Fjeld et al., 2003) . The cytosolic redox state of NAD þ /NADH couple could thus link cellular metabolism with gene transcription (Fjeld et al., 2003) .
D. The extracellular transport of pyridine nucleotides
In plants, it is commonly accepted that the NAD þ and NADP work in conjuncture to regulate intracellular signaling process. However, in animals, NAD(P) þ is also present in the extracellular compartment where it can (i) bind to plasma membrane receptors and (ii) be used as an ADP-ribosylate surface receptor triggering a cellular signaling cascade (Zhang and Mou, 2009) . There is also a transport of pyridine nucleotides from the extracellular medium inwards to the cells. However, NAD þ is only transported into the extracellular medium but not from the extracellular medium to the interior of cells. NAD-nucleotide dinucleotide glycohydrolases localized on the external cell surface degrade NAD þ to NMN, which is in turn converted by an extracellular nucleotidase to the 5'-nicotinamide riboside, which subsequently enters the cell via nucleoside transporters (SLC28 and SLC29; Zhang et al., 2013.) and fuels intracellular synthesis of NAD þ (Aleo et al., 2001; Nikiforov et al., 2011) . NAD(P) þ may also be released into the extracellular space in response to stimulation (S aez et al., 2003; Smyth et al., 2004; Bruzzone et al., 2006) . NAD(P) þ released into the extracellular space in mammals can be metabolized by CD38 (an animal ADPRcyclase) to produce cADPR and NAADP which are both involved in calcium signaling (Billington et al., 2006; Bruzzone et al, 2006) . In plants, it has been shown that the hypersensitive reaction causes a leak of pyridine nucleotides which increases their extracellular concentrations to induce expression of pathogenesis-related (PR) genes. Furthermore, these effects appear to be calciumdependent (Zhang and Mou, 2012; Fu and Dong, 2013) . Further experiments revealed that infiltrating protoplasts with NAD þ and NADP þ did not result in the increased intracellular nucleotides content, suggesting that these molecules are not transported inwardly in plants (Zhang and Mou, 2009 ). However, on the provision of quinolinate plant cells accumulate NAD þ (P etriacq et al., 2012) . In yeast, quinolinate, but also nicotinate and nicotinamide riboside, may be imported from and excreted to the extracellular medium, whilst nicotinamide is only imported. In plants, two permease type of carriers have been identified, Nrt1 and TNA1 which allow the incorporation of nicotinamide riboside and quinolinate, respectively (Belenky et al., 2011; Ohashi et al., 2013.) . These pyridine nucleotide exchanges allow cells to store these metabolites extracellularly and reuse them at will to maintain appropriate intracellular concentrations of NAD þ (Ohashi et al., 2013) . Intriguingly, in plants, another precursor of NAD þ , NaMN has been demonstrated to stimulate potato seedling growth.
Recent research conducted in bacteria and mammals suggest that in addition to their role in the oxidative metabolism and cell signaling, pyridine nucleotides could regulate the transport of ions. Indeed, it has demonstrated that about a dozen transport systems were regulated by molecules of NAD(P)/ (H) and their products, ADPR and cADPR in these organisms. Intriguingly, both the redox state and pyridine nucleotide levels per se participate in the control of intra-and extra-cellular potassium, sodium, and calcium (Kilfoil et al., 2014) .
III. The functions of NAD 1 in plants
A. Redox functions of NAD 1 and their implications 1. The NAD(P) þ /NAD(P)H redox couples NAD(P) þ is a coenzyme reducing power transducer, i.e., it is capable of transferring electrons to a molecule at a more oxidized state molecule. Thus, there is a reduced NAD(P)H or oxidized NAD(P) þ form and a couple such as the NAD(P) þ /NAD(P)H is known as a redox couple. The tendency of couples to accept or donate electrons to another couple is called the redox potential. This potential can reveal the feasibility and the direction in which the electrons are transferred between components of a biochemical system. All redox potentials are defined according to their ability to receive or donate electrons to a standard hydrogen electron (SHE, a 1-M solution of H þ , pH 0 in which is immersed a platinum electrode), and are expressed in volts. In biology, redox potentials are defined at pH 7 and at 25 C, which for the reference torque H 2 /2H þ has a redox potential of À420mV. These redox potentials are recorded when couples balance reduced/oxidized states at what is known as their equilibrium midpoint (EM) potential. From these potential values, it is possible to determine a difference in redox potential between two redox couples that allows the transfer of electrons DEm (Em acceptor À Em donor ). For example, in the mitochondrion during electron transfer from the donor NADH to the acceptor O 2 , the DEm ¼ 0.82 À (À0.32) V, i.e., 1.14 volts allowing one to deduce the free energy change of the reaction, which in this case is exergonic. During the reverse transfer water to NADP þ in photosynthesis, the value will be identical but the sign will be reversed and thus the reaction is endergonic and requires energy supply in the form of light. NADP þ is generally used as reducing agent in biosynthetic pathways (photosynthesis, nitrogen assimilation, and biosynthesis of fatty acids), whereas NAD þ is largely involved in catabolism where it acts as an oxidant. Plant cells contain many major redox couples which regulate the transfer of electrons within cells as well as regulating flux across chloroplast and mitochondrial membranes and thus determine the overall cellular redox status. These compounds have very different concentrations depending on the physiological state of the cell. Because of their negative redox potential, some couples such NAD(P) þ /NADPH tend to act as reductants, while others such as reactive oxygen species are strong oxidizing agents .
2. The role of NAD(P)H in maintaining the cellular redox status Low oxygen levels accompanied the early evolution of life on earth, with the appearance of cyanobacteria and plants subsequently enriching the atmosphere with oxygen to levels close to current levels 550 million years ago (Fournier, 2003) . Aerobic cells cope with these oxygen concentrations by maintaining a highly reduced internal environment. This is made possible by the interactions between soluble redox including NAD þ , NADP þ , glutathione (GSSG/GSH), and ascorbate (DHA/ASC). In particular, the pyridine nucleotides (NAD(P) þ /NAD(P)H) are the major form of soluble redox in cells. Indeed, by contrast to antioxidant compounds such as glutathione and ascorbate which react spontaneously with oxygen, pyridine nucleotides react slowly with oxygen and oxidation is dependent on enzymatic reactions. Within cells, pools of glutathione and ascorbate react, first, spontaneously or under the action of enzymes such as (per) oxidases with oxygen, and, second, are reduced by high capacity reductase which depends upon the reducing power of NAD þ and NADP þ (Figure 8 ). Glutathione and ascorbate are the bulwark of a redox buffer system for NAD(P) þ -dependent detoxification of reactive oxygen species. Disruption of this maintenance system generates a redox signal which is encountered in many stress related to (a)biotic disturbances and/or developmental processes. In these processes, the NADP þ /NADPH couple plays a particularly important role because it is at the junction of metabolism and ROS detoxification (Figure 8) .
In chloroplasts, the cofactor concentration of oxidized NADP þ available for its reduction by ferredoxin NADP þ reductase determines the nonlinear flow of electrons to other acceptors, such as molecular oxygen (O 2 ). In case of over-reduction of the NADP þ to NADPH pool, due to environmental stress which causes either an electron flow in the case of strong light, or unavailability of NADPH to metabolic reactions in the case of disease, nutritional, cold, or drought stress, the electrons are deflected and ROS formation is accelerated (Scheibe et al., 2005) . NAD(P)H is also a precursor for cytosolic ROS when used as a substrate by the NAD(P)H oxidases (Foreman et al., 2003; Kwak et al., 2003) . NAD(P)H is also involved in the generation of NO via the reactions catalyzed by nitrate reductase (NR) and nitrite reductase (St€ ohr et al., 2001; Galeeva et al., 2012) . NR can catalyze the transfer of the reducing power of NAD(P)H to O 2 and generation of ROS (Yamasaki and Sakihama, 2000) . Moreover, the alternative oxidase of the mitochondrial electron transport chain could be controlled by changes of NADPH/NADP þ ratio that follow alterations in light and CO 2 (Igamberdiev and Gardestr€ om, 2003) . ROS management is also largely dependent on NAD(P)H in plant cells. Indeed, among the five major ROS detoxification systems, namely (i) the water-water cycle (Mehler Reaction), (ii) catalases (EC 1.11.1.6), (ii) glutathione cycle peroxidases (EC 1.11.1.9), (iv) the ascorbateglutathione cycle, and (v) detoxification of reductive peroxides, the last three involve glutathione and/or ascorbate-dependent NAD(P)H (Figure 8) (Sunkar et al., 2003; Apel and Hirt, 2004; Mano et al., 2005; Noctor, 2006) . Because of the existence of redox potentials specific to each of the redox active pairs within subcellular compartments, it is difficult to define an overall value for the cellular redox state. In the cytosol and the mitochondria, the NADP and glutathione define a redox state of the order of À250 mV to À300 mV. The redox state of the chloroplast stroma in the light is a little more negative because of ferredoxin leading the reduction reactions, including those of NADP þ (Asada, 1999; Setterdahl et al., 2003; Foyer and Noctor, 2005) . NAD(P) þ is converted back into NAD(P)H by enzyme systems as already discussed in the section entitled NAD kinases. The transfer of reducing equivalents among compartments subcellular is provided mainly by shuttles systems described in "The passage of the redox equivalents among compartments". Similarly, in response to a need for reducing power, especially in the light as well as stress, plant cells have the ability to stimulate the production of key enzymes which control the synthesis of NAD(P), such as AO, QPT, NaMNAT, and NAD kinases. Transition to light induces NAD kinase production (Tezuka and Yamamoto, 1975) , which allows the synthesis of NADPH in the chloroplast, which is essential for the synthesis of chlorophyl and carbon sequestration (Chai et al., 2005) .
B. The role of NAD(P)(H) in major metabolic pathways 1. NAD þ control C and N assimilation which underpin plant productivity Most of the terrestrial organic matter is produced by plants through the assimilation of inorganic carbon and nitrogen from the environment to form organic molecules. The organic matter is produced and regenerated by the molecular processes of photosynthesis and assimilation of nitrogen. Eukaryotic cells compartmentalize these biochemical processes in the various organelles based on the metabolic cycles to transfer reducing equivalents through intracellular membranes. NAD(P)H produced or exchanged among the compartments serves as an electron carrier allowing the maintenance of redox homeostasis and reductive biosynthesis. Figure 8 . Simplified diagram of the main reactions binding soluble redox couples NAD(P) þ /H, ascorbate and glutathione. Importance is given to the main reactions reducing power consumers provided by the pyridine nucleotides. AER: alkenal reductase; ACR: aldo-keto reductase; ALDH: aldehyde dehydrogenase; ASC: ascorbate (reduced); Cyt: cytochrome; FNR: ferredoxin-NADP reductase; GABA shunt: c-aminobutyrate pathway; (np) GAPDH: glyceraldehyde-3-phosphate dehydrogenase (non-phosphorylating); GDC: glycine decarboxylase; G6PDH: glucose-6-phosphate dehydrogenase; GR: glutathione reductase; GSH reduced glutathione; GSNOR: S-nitrosoglutathione reductase; GSSG: oxidized glutathione; HPR: hydroxypyruvate reductase; ICDH: isocitrate dehydrogenase; MDH: malate dehydrogenase; (M) DHA (R) : (mono) dehydroascorbate (reductase); ME: malic enzyme; MET: mitochondrial electron transport; NOS: nitric oxide synthase; NR: nitrate reductase; OX: oxidation; 6PGDH, 6-phosphogluconate dehydrogenase; Rboh: NADPH oxidases (for "Respiratory burst oxidase counterparts"); RED: reduction; TCA: tricarboxylic acid; THD: transhydrogenase; TRX: thioredoxin.
NADPH production by photosynthesis
The anabolic pathway by which all photosynthetic organisms assimilate CO 2 is known as the Calvin-Benson cycle (Calvin and Benson, 1949) . This cycle is divided into three parts: (i) a carboxylation stage which fixes CO 2 in the presence of a sugar acceptor which is the ribulose-1,5-bisphosphate (RuBP) which are then converted to three carbon acids and which is catalyzed by Rubisco (ii) a reductive phase consuming NADPH and ATP produced in the light via the photosynthetic electron transport chain and which converts the three carbons acids to triose phosphates, and finally (iii) a step of regeneration of the triose phosphates in which RuBP consumes ATP. Excess trioses phosphates formed are subsequently exported to other subcellular compartment and serve as a basis for the biosynthesis of all the organic molecules in the plant cell. In the chloroplast, NADPH is formed in the light by the photosynthetic electron transfer chain via ferredoxin NADP reductase (Talts et al., 2007) . It can be exchanged with the cytosolic compartment by the malate shuttle (Scheibe and Jacquot, 1983) which includes a malate biosynthesis system and an MDH shuttle ( Figure 6 ) and originates in the dark or in non-green tissues from plastid and/or cytosolic pentose phosphate pathways (Spielbauer et al., 2013) . In the chloroplast, the NADPH regulates an NADPH-dependent type C thioredoxin reductase (NTRC, EC 1.8.1.9), which, by reducing ADP-glucose pyrophosphorylase (AGPase, EC 2.7.7.27) is used to activate synthesis in which the degradation of starch (Ekkehard and Stitt, 1989; Sparla et al., 2006; Michalska et al., 2009; Valerio et al., 2011; Bernal-Bayard et al., 2012) . Besides its role in the regeneration of the plastids antioxidant pools (K€ onig et al., 2002; P erez-Ruiz et al., 2006) , the NADPH-NTRC system also plays an important role in the regulation of the synthesis of chlorophylls (Richter et al., 2013) . These regulations operate in concert via the action of plastidial thioredoxin (Geigenberger and Fernie, 2014) .
NADPH utilization for lipid synthesis
In addition to the synthesis and/or degradation of starch and chlorophyl which are regulated by NADPH, lipid biosynthesis, and more particular fatty acid biosynthesis consume NADPH, ATP, and carbon skeletons. Indeed, it is exclusively in the plastid that de novo biosynthesis of fatty acids occurs (Ohlrogge and Browse, 1995) . The fatty acid synthase (FAS or fatty-acyl-CoA synthase (EC 2.3.1.86), which is involved in de novo biosynthesis of fatty acids, is a multi-enzyme complex that consumes NADPH to drive condensation of malonyl-CoA units of acetyl-CoA until palmitic acid is obtained. Thus, the synthesis of a molecule of palmitic acid is consumed eight molecules of acetyl-CoA, 14 molecules of NADPH and seven molecules of ATP. This explains why the synthesis of fatty acids is closely coordinated with the light reactions of photosynthesis (Geigenberger and Fernie, 2014) . Conversely, the catabolism of lipids which leads to the sucrose formation during lipidresistant seed germination produces NADH in glyoxysomes via b-oxidation of acyl-CoA under the action of the MDH of the glyoxylate cycle. A cytosolic isoform of MDH similarly produces NADH. By this process, germinating oleaginous seeds effectively convert lipids into sugars while providing reduction power in abundance in the form of NADH (Graham, 2008) .
The utility of NAD(P)(H) in other major pathways of C metabolism
In plant respiration, carbon compounds are degraded to ensure the synthesis of ATP which provides the energy required for cellular processes. Globally, carbohydrates and lipids are transformed into organic acids which the mitochondria use to reduce NAD þ to NADH. The NADH is then oxidized and the electrons are transferred to the molecular oxygen by the electron transfer chain of the mitochondrial inner membrane. In this process, enzymatic complexes pump protons across the membrane, creating a potential gradient used for ATP synthesis. This catabolic pathway takes place in three main stages: glycolysis, tricarboxylic acid cycle (TCA or Krebs cycle), and the membrane electron transfer. In the first step called glycolysis, the hexose-phosphates are converted into triose-phosphates and then into organic acids, in particular, pyruvate, producing reducing power in the form of NADH under the action of phosphorylating glyceraldehyde-3-phosphate dehydrogenase (G3PDH, EC 1.2.1.9). There is also a non-phosphorylating isoform described above (see the section entitled NAD kinase) which makes it possible to generate NADPH. In plants, enzymes involved in glycolysis are functionally and physically closely associated with mitochondria (Gieg e et al., 2003; Graham et al., 2007) and in potatoes, the degree of association of glycolytic enzymes depends on the respiratory intensity (Graham et al., 2007) . The pyruvate formed by glycolysis passes directly into the mitochondrial matrix (Lunn, 2007) where it can be converted to acetyl-CoA by pyruvate dehydrogenase, also called pyruvate decarboxylase (EC 1.2.4.1). Note that glycolytic enzymes such as G3PDH (GAPDH) can be found in the nucleus and generate NADH under stress conditions (Vescovi et al., 2013) . It is also possible that hexokinase can be found there, as is the case with other organisms (Kim and Dang, 2005) . The second stage, known as the tricarboxylic acid cycle (Krebs, 1937) , consists of transforming acetyl-CoA into a range of organic acids transformed via enzymatic reactions that generate reducing power in the form of NADH and of FADH (Rasmusson and Møller, 1990) . In plants, the cycle generally does not work cyclically, probably because the TCA cycle works in accordance with the metabolic needs of each organ based on environment conditions (Hanning and Heldt, 1993; Sriram et al., 2004; Alonso et al., 2007; Allen et al., 2009; Tcherkez et al., 2009; Gauthier et al., 2010) . Each of the steps that allow the production of NADH would be inhibited by a high NADH/NAD þ ratio, which would balance the oxidation of pyruvate with the oxidative phosphorylation that occurs on the internal mitochondrial membrane (Geigenberger and Fernie, 2014) . In a third step, the reducing power, formed by the TCA cycle and glycolysis, transfers its electrons to molecular oxygen via the electron transfer chain of the mitochondrial inner membrane, and an ATP generating proton gradient is created. Plants have, on this electron transfer chain, enzymes unique to the plant kingdom called NAD(P)H dehydrogenase alternates, located on the internal and external faces of the mitochondrial membrane, which allow them to regulate levels of NAD(P)H and optimizing their growth (Rasmusson et al., 2004; Rasmusson and Wallstr€ om, 2010; Wallstr€ om et al., 2014) .
Transfering NAD-reductive equivalents between
metabolic pathways One of the major metabolic problems facing the plant is the management of the lack of NADP þ electron acceptor which can be at the origin of a mass production of ROS. Indeed, the photosynthetic electron transfer chain produces more reducing equivalents than required in the chloroplast for the synthesis of sugars (Stitt, 1986) . The CO 2 limitation available for the Calvin-Benson cycle and the lack of NADP þ where another photosystem I acceptors lead to the formation of ROS that must be detoxified by various systems. However, there are several mechanisms that compensate for the lack of electron acceptors in the chloroplast. (i) The first of these is called the malate shuttle (Scheibe, 1984) . It consists of the synthesis of malate from NADPH-dependent plastid malate dehydrogenase (MDH-NADP), and the malate thus formed is exported to the cytosol via a shuttle (shuttle C, Figure 7 ) (Taniguchi et al., 2002) . The malate shuttle re-balances the NADPH/ATP ration, avoids imbalances that limit the photosynthetic electron flux and redirects the excess reducing power to other compartments where it will be used (Backhausen et al., 1998; Scheibe, 2004) . Moreover, MDH-NADP is activated by light. By contrast, it is inhibited by the high NADP þ /NADPH ratios, which makes it an effective system for controlling the redox homeostasis of NADP(H) within the plastid compartment (Scheibe and Jacquot, 1983; Scheibe et al., 2005) . The importance of this enzyme is demonstrated by the lethal character of homozygous T-DNA mutants in the A. thaliana . (ii) A second mechanism is used in plants when the electron acceptor limitation is problematic as well as under conditions of strong light or drought, is that of cyclic electron transfer (Munekage et al., 2004) . This system makes it possible to reduce the production of NADPH, to recycle the electrons not used for its synthesis in the absence of acceptor in sufficient quantity, while increasing the production of ATP, and makes it possible to rebalance the ratio ATP/NADPH (Miyake, 2010) . Under limiting CO 2 conditions or a continuous lack of NADP þ acceptor, this system avoids mass production of ROS within chloroplasts (Foyer et al., 2012) . (iii) The third mechanism involved in chlorophyl containing cells in the light is that of photorespiration. This mechanism constitutes a major sink for reducing equivalents, especially when the demand for NADPH and ATP is problematic, for example at high luminous intensity, high temperature, and when the closed stomata cause an important CO 2 limitation for photosynthesis . By re-assimilating the ammonium produced by the decarboxylation of glycine (mainly by glutamine synthetase GS, EC 6.3.1.2, and ferredoxin-dependent glutamate synthase Fd-GOGAT, EC 1.4.7.1, or that dependent on NADH, NADH-GOGAT, EC 1.4.1.14), photorespiration consumes reducing equivalents of ferredoxin, NADH and ATP and regenerates the oxidized equivalents available again for the fixation of electrons in the photosynthetic transfer chain. It also appears that photorespiration stimulates LASPOX activity due to the decarboxylation of glycine, accelerating the oxidation of NADH to NAD þ and the electron flux of the mitochondrial transfer chain to oxygen (Igamberdiev et al., 1997; Vishwakarma et al., 2014) . Photorespiration also releases CO 2 into the mitochondria, which allows the consumption of excess NADPH and the regeneration of NADP þ in the Calvin-Benson cycle (Busch et al., 2013) . It is believed that in normal atmospheric conditions 2-phosphoglycolate (2-PGA) is produced by Rubisco oxygenase activity (Zhu et al., 2008) for every four turns of the Calvin-Benson cycle. Although the impact of a photorespiration inhibitor on photooxidation has been known for a long time (Wu et al., 1991; Kozaki and Takeba, 1996; Osmond and Grace, 1996) , it is only recently that the impact of a defective photorespiration on the inhibition of photosystem II has been described . Because of their perivascular sheath, which allows CO 2 to be concentrated, C4 plants have a lower, but non-zero rate of photorespiratory activity due to leakage in the sheaths, which is greater in dicotyledons than in monocotyledons (Dai et al., 1995; Maroco et al., 1997) . In Amaranthus edulis, photorespiration accounts for 6% of net photosynthesis and photorespiratory mutants are unable to grow in the absence of high CO 2 (Dever et al., 1996; Lacuesta et al., 1997) . Evidence of photorespiratory activity in corn is yet older (Chollet, 1976) , and lowglycolate oxidase mutants are unable to grow in the air (Zelitch et al., 2009) , demonstrating the importance of photorespiratory mechanisms in all plant species (Wingler et al., 2000) .
N metabolism and its coordination with
C metabolism In addition to light, water, CO 2 , and mineral elements are required for plant growth and development. Among mineral elements, nitrogen is probably the most essential because it is used for the synthesis of amino acids which are the building blocks of proteins, nucleotides, chlorophyl, and many other metabolites and cellular components (Taiz and Zeiger, 2008) . Nitrogen is, therefore, required in large quantities in order to allow plants to enrich the synthesis of carbon skeletons into more complex molecules essential for the production of biomass. As we document below, pyridine nucleotides play a decisive role in the assimilation of nitrogen by plants and contribute to the close coordination of the carbon and nitrogen metabolisms necessary for the harmonious growth of plants.
In the previous section, we described how photorespiration involves a rather complex carbon recycling and also requires the recycling of ammonium from the decarboxylation of glycine. The latter reaction is catalyzed by glycine decarboxylase or GDC (EC 1.4.4.2, Keys et al., 1978) . The ammonium produced by GDC is assimilated to the level of the GS/GOGAT cycle in the chloroplast as glutamate by the use of two enzymes located in both chloroplast and mitochondria: GS (GS2), and GOGAT, mainly the FD-GOGAT (GLU1) and in a minority way the NADH-GOGAT (Hayakawa et al., 1994; Taira et al., 2004; Jamai et al., 2009) . The metabolic flux of photorespiration is very high and the mitochondrial conversion of glycine to serine produces considerable amounts of ammonium, up to 10 times more than the primary assimilation of nitrogen (Keys et al., 1978; Rachmilevitch et al., 2004) . This process, which is also called the photorespiratory nitrogen cycle (Keys et al., 1978) , uses the same isoforms of GS and GOGAT as those involved in the primary assimilation of ammonium (Hirel and Lea 2002) . By generating NADH in the mitochondria, this process may contribute to the increase of the pool of NADH in the cytosol under the light.
All plants have the capacity to achieve the primary assimilation of nitrates. This assimilation begins with the reduction of nitrates to nitrites catalyzed by nitrate reductase (NR, EC 1.7.1.1), which requires NADH (Miflin, 1970; Vincentz and Caboche, 1991) , yet some isoforms require NADPH (NR-NADPH, EC 1.7.1.3, Savidov et al., 1998) . NR is regulated in a very complex manner, enabling controlled reduction, in response to environmental signals, of nitrate reduction in close coordination with the assimilation of carbon. In general, it is coordinated with photosynthesis and is regulated by various factors, such as nitrate content, light, O 2 , and CO 2 availability (Campbell et al., 1988; Faure et al., 1991; Vincentz and Caboche, 1991) . The ability of chloroplasts and mitochondria to deliver reducing equivalents to the cytosol can influence the rate of nitrate assimilation (Kr€ omer and Heldt, 1991; Hanning and Heldt, 1993) . Conversely, low photosynthesis may limit NR activity by decreasing reductant availability (NADH) and by post-translational inactivation of the enzyme (Kaiser et al., 2000; Kaiser et al., 2002) . The presence of a nucleotide pyrophosphatase (EC 3.6.1.9) physically associated with NR in Brassica oleracea suggests a close control of NADH levels in the vicinity of the enzyme in order to modulate its activity (Moorhead et al., 2003) .
As described earlier in this section, the contents and redox state of pyridine nucleotides closely control the activities of the major routes of carbon and nitrogen metabolism. Conversely, metabolic activity modulates NAD(P)(H) levels to acclimate to environmental conditions. One of the main concepts of the integration of nitrogen and carbon metabolism in plants is based on their use of reducing equivalents and ATP. Indeed, it is assumed that the assimilation of nitrate is a strong consumer of reducing power, whereas CO 2 fixation requires more ATP than reducing power. In this case, ATP is also provided by the other subcellular compartments, in particular, mitochondrial respiration, while the reducing power consumed in the cytosol by nitrate reductase is partly provided by an output of reducing equivalents of plastids and mitochondria. To summarize, carbon fixation consumes three times more ATP than nitrate assimilation and that assimilation of nitrates consumes three times more reducing power than CO 2 fixation in triose phosphates (Woo et al., 1987; Noctor and Foyer, 1998) .
Several studies indicate that levels of NAD(H) play a role in the integration of carbon and nitrogen metabolism, particularly those addressing the study of mitochondrial complex I mutants, such as the tobacco CMS II mutant (Dutilleul et al., 2005; Hager et al., 2010; Podg orska et al., 2014) . Stopping the oxidation of NADH by complex I resulted in activation of the NAD(P)H dehydrogenases and leads to a nitrogenrich phenotype of plants rich in nitrogen. These plants displayed a general increase in the contents of organic acids and amino acids, in particular, amines (Dutilleul et al., 2005; Hager et al., 2010) . Indeed, a greater assimilation of nitrates was observed in CMS II (Dutilleul et al., 2005; Pellny et al., 2009) . Other characteristics typical of N-rich status are found in the mutants of complex I: repression of lateral root growth, altered distribution of biomass between roots and aerial parts in response to nitrogen availability (Pellny et al., 2008) . Other examples show that nitrogen nutrition, which constitutes a major sink of reducing power in plants, has a strong influence on carbon metabolism. Thus, when the nitrogen supply relies on ammonium, the NADH content, which is no longer used for the assimilation of nitrates, increases. Plants then increase the activity of their alternate respiratory pathways (NAD(P)H dehydrogenases, LASPOX, and uncoupling proteins) (Escobar et al., 2006) , which do not generate ATP, leading to a reduced plant growth.
One of the mechanisms for rebalancing the ATP/ NAD(P)H ratios among compartments is based on the operation of organic acid carriers, such as the malate shuttle. When this is absent, it is lethal . On the other hand, when the capacity of the malate valve is simply limited, this leads to an increase in the assimilation of nitrogen and glycolysis within the plastidial compartment, by increasing the Fd-GOGAT, NADH-GOGAT, and plastid NAD-GAPDH activities, potentially rebalancing the ATP/NAD(P)H ratios within the chloroplast (Selinski et al., 2014) . Thus, the defective malate valve is compensated by an increase in plastidial glycolysis to cover the plastid demand for ATP. Otherwise, there would be too much NADPH in the plastid which would block the electron transfer chain, and therefore the generation of ATP necessary for carbon fixation .
C. Importance of NAD(P)(H) in developmental processes
The development of plants is characterized by the appearance of new organs and determines qualitative events, which can be detected over time and supported by metabolic processes. That said metabolic processes involve cofactors like the NAD(P)/H that are essential to them. These features describe why pyrimidine nucleotide levels are highly variable within different organs of the same plant, and thus it is possible to associate the physiological needs of a developmental program with the metabolic activities that underlie them. The levels of these cofactors and their redox state vary not only according to the organs but also according to their age, suggesting a close involvement of pyridine nucleotide levels with organogenesis and organ aging processes (Yamamoto, 1963) . Thus, very high levels of NAD þ are measured in the storage organs such as cotyledons or albumen, whereas NADP (H) levels and NADP/NAD þ ratio are low. Conversely, in actively growing tissues, the NADP/ NAD þ ratio is high. In the flower organs of A. thaliana, there is also a very high accumulation of NAD(P)(H) in pollen, whereas very low levels are measured in petals and pistil (Hashida et al., 2013a) . With the age of the plant, a change in the redox status of NADP is observed (Wang and Pichersky, 2007) . For example, NADPH/NADP þ ratios decrease with age in cotyledons, hypocotyls, roots, leaves, and flowers (Yamamoto, 1963; Queval and Noctor, 2007; Wang and Pichersky, 2007) .
NAD in seed germination
Germination is the process by which a seedling is formed from a seed and as such is characterized by the transition from the latent life of the seed to an active life, under the influence of favorable factors. It is a physiological process which begins with seed hydration and ends with the growth of the radicle (Evenari et al., 1966) . Thus, a seed germinated when the radicle pierced the seed coat (Come, 1970) . Major metabolic events occur during germination, involving pools of free nucleotides.
In fact, radicular breakthrough, which is preceded by high ATP consumption, is characterized by a strong increase in NADP(H) and NAD(H) pool consumption (Brown, 1965) . Since the NADP (H)/ NAD(H) ratio differs greatly between nondormant and dormant seeds (Gallais et al., 1998) , and while NADP levels are difficult to measure for dormant seeds, NAD measurements are sometimes used as an indicator of seed dormancy depth (Hunt and Gray, 2009 ). In non-dormant seeds of A. thaliana, the increase in the NADP(H)/NAD(H) ratio is accompanied by a high elevation of NAD kinases, whereas in dormant seeds NADP phosphatases are very active (Hunt and Gray, 2009 ). In the dormant oat seeds (Avena sativa), there is also a strong NADP phosphatase activity (Gallais et al., 2000) .
The decrease in NAD levels observed during germination may also be due to nicotinamidase activities. It is indeed observed in A. thaliana T-DNA insertion mutants that the mutation of the nic2 gene inhibits germination. This inhibition may be due to the accumulation of PARP-inhibiting nicotinamide and the accumulation of NAD þ in seeds (Hunt et al., 2007) . In effect, by treating seeds with the different pyridine nucleotides, it has been shown that the oxidized forms NAD þ and also NADP þ inhibit seed germination of A. thaliana (Hunt et al., 2007) .
On the other hand, in germinating seeds, a remobilization of pyridine nucleotides reserves can be observed as it is the case for trigonelline. In fact, trigonelline demethylase activity is induced during germination of coffee beans and mung bean, accompanied by a decrease in trigonelline synthase activity and a concomitant trigonelline stocks decrease in seeds (Shimizu and Mazzafera, 2000; Zheng et al., 2005) . It seems that during germination, NAD is remobilized, probably to allow a restart of metabolism and to respond to needs such as the production of ROS which intervenes in signaling processes required at the root emergence, such as ABA signaling, calcium signaling, and redox signaling (Oracz et al., 2009; El-Maarouf-Bouteau et al., 2014) . NADPH-dependent ROS production appears to be essential for triggering germination since the absence of NADPH oxidase type B and associated ROS production prevents A. thaliana seeds from germinating (M€ uller et al., 2009 ).
NAD in sexual reproduction
During the floral transition, the apical meristem passes from a vegetative stage to an inflorescence stage. This event is essential for the formation of the reproductive system and requires the intervention of a panel of genes and reactions involving new biosynthesis and redox metabolism.
Indeed, in spinach (Spinacia oleracea) grown in long days, the floral transition is accompanied by a depletion of the pyridine nucleotide pools (Bonzon et al., 1983) . Similarly, in A. thaliana, foliar NAD pools increased sharply during flower transition until flowering initiation. NADP follows the same pattern as NAD but with lower levels compared to NAD (Queval and Noctor, 2007) . Once flowering is initiated, NAD contents collapse in rosette leaves (Queval and Noctor, 2007b) . In flowering plants, NAD þ levels of flowers are three times higher than in rosette leaves (Wang and Pichersky, 2007) . These data all suggest a remobilization of the foliar NAD þ pools to provide for the reproductive organs.
The redox state of pyridine nucleotides also appears to play a role in the floral transition. Thus, in Nicotiana sylvestris, the increase in the NADP þ / NADPH ratio caused by a decrease in the activity of a mitochondrial NADPH dehydrogenase 1 (NDB1) leads to floral induction associated with the expression of genes present in floral meristems (Liu et al., 2009b) , and this is probably related to an altered redox metabolism (Kocsy et al., 2013) . In A. thaliana, a three-fold increase in the NAD þ /NADH ratio compared with that of the rosette leaves was also observed in flowers (Wang and Pichersky, 2007) . Although the physiological significance of this observation is not clearly established, it is possible that the redox state of NAD and NADP pool plays a role in the physiology of the reproductive organs. Indeed, NAD þ levels would contribute to the fate of pollen by negatively regulating germination because plant pollen with 25% fewer NAD germinates prematurely (Hashida et al., 2013a (Hashida et al., , 2013b . On the other hand, the NAD(P)H levels were greatly increased during pollen grain germination and pollen tube progression (C ardenas et al., 2006) . NAD that accumulates in the pollen grain decreases during germination (Hashida et al., 2013a) and NAD(P)H production is then observed in the subapical region of the growing pollen tube (C ardenas et al., 2006) . This production of NAD(P)H is associated with a high production of ROS in the presence of a high density of mitochondria (C ardenas et al., 2006) . The high levels of NAD in growing pollen tubes are probably the result of accelerated biosynthesis since high NMNAT activity was detected in developing post-meiotic stage microspore in A. thaliana (Hashida et al., 2007) . Thus, in nmnat heterozygous mutants, at 25% decreased NAD levels, the growth of the pollen tube is altered, showing the importance of NAD biosynthesis for pollen tube growth (Hashida et al., 2007) .
As seen previously, the abundant production of NAD(P)H in the subapical regions of growing pollen tubes co-locates with intense ROS production. Transcriptomic data clearly indicate the presence of NADPH oxidases (RbohH and RbohJ) in the male gametophyte (Sagi and Fluhr, 2006) . In Nicotiana tabacum, NAD(P)H oxidase activity was shown to play an important role in the growth of pollen tubes (Potock y et al., 2007; Marino et al., 2012) . The massive production of ROS at the apex of pollen tubes by NAD(P)H oxidases RbohH and RbohJ, activated synergistically by calcium and by phosphorylation, would coordinate cell expansion with exocytosis mechanisms necessary for cell wall synthesis, by limiting growth spurts associated with calcium signaling (Lassig et al., 2014; Kaya et al., 2014) .
NAD in root development
The elongation of roots and absorbent hairs, which is essential for the absorption of water and soil minerals, is conditioned by NADPH oxidase-dependent ROS production (Foreman et al., 2003; Torres and Dangl, 2005; C ardenas, 2009; Centeno et al., 2011; M€ uller et al., 2012; Nestler et al., 2014) . As in the case of growing pollen tubes, the production of ROS in the bristles is located at the apex and induces the activation of calcium channels (Foreman et al., 2003; C ardenas, 2009) . As for pollen, growth rate oscillations are synchronized with calcium, pH, and ROS oscillations (Monshausen et al., 2007; Monshausen et al., 2009) . NADPH oxidases generate ROS that allows cell wall remodeling in growing cells (Monshausen et al., 2007) . NADPH oxidases initiate the production of apoplastic ROS, which is amplified in Zea mays by peroxidases that use NADH and hydrogen peroxide as substrate (Liszkay et al., 2004) . In Phaseolus vulgaris, the activity of NADPH oxidases is necessary for the production of NOS-responsive ROS to induce rapid growth of the absorbent hair (C ardenas et al., 2008) . Finally, lateral root development appears to involve NADPH oxidases in response to auxin-dependent signaling (Gibson et al., 2012; M€ uller et al., 2012) .
D. NAD in the responses to environmental constraints
In a context of climate change, crop yields are more susceptible than ever to significant losses. Crop yield is determined by plant performance and environmental stress resistance which are underpinned by plant energy homeostasis. NAD appears to be a master metabolite in energy homeostasis and plant growth, having a great impact on plant productivity and stress tolerance. Indeed, NAD consuming events are known to play a role in responding to environmental stresses. Traditionally, there are two types of stress that will negatively affect plant growth: (i) biotic stresses, which result from the action of living organisms and harm the plant, such as bacterial and (ii) abiotic stress, which may be of physical origin (extreme temperatures, lack of water, lack of oxygen, excess, or insufficiency of light) or chemical origin (mineral deficiency or excess, soil pH, ozone, toxic chemicals).
The key role of NAD in plant immunity
Attacks caused by pathogens, bacteria, fungi, pests, or viruses can cause considerable losses in crop yield. Among the strategies put in place by plants to defend themselves, NAD metabolism plays a central role in controlling cell redox status and signaling functions.
Modulations of NAD levels have been observed in plants under attack by pathogens (P etriacq et al., 2012, 2013, 2016a, 2016b) . For example, in barley, infection with Blumeria graminis (ex Erysiphae graminis) var hordei, the pathogen responsible for powdery mildew in cereals, is accompanied by an increase in NAD þ levels and a redistribution of NADP þ from plastids to cytosol (Ryrie and Scott, 1968 ). ROS involvement is generally associated with higher levels of NAD suggesting the stimulation of NAD biosynthetic pathways in pathogen response (Ryrie and Scott, 1968; Dutilleul et al., 2003b; P etriacq et al., 2016b) . Thus, the overexpression of an NADPH-dependent reductase (NADPH-dependent HC-toxin reductase), involved in the neutralization of a pathogenic toxin in rice, results in a high increase in pyridine nucleotide levels resulting from the increase in NAD synthetase and NAD kinase activities, making the plant less susceptible to attack by the toxin-producing pathogenic bacterium (Hayashi et al., 2005) . In A. thaliana, NADK1 expression is strongly induced under compatible or incompatible conditions with Pseudomonas syringae PV tomato, probably to allow synthesis of NADPH in the cytosolic compartment (Berrin et al., 2005) . In tobacco, wounds caused by pests induce NAD-derived nicotine synthesis, which is induced by overproduction of QPT (Baldwin and Ohnmeiss, 1993; Sinclair et al., 2000) . An inducible NAD enrichment system by overproducing E. coli QPT, NadC, in A. thaliana, demonstrated the implication of an increase in NAD biosynthesis in plant resistance to Pseudomonas syringae PV. tomato-AvrRpm1 (Pst-AvrRpm1). This NAD-dependent resistance is associated with the induction of SA marker genes such as PR1 and ICS1 and an accumulation of free salicylic acid (P etriacq et al., 2012, 2013) . These results are in agreement with the work of Zhang and Mou who showed that an application of extracellular NAD induces a better resistance of plants to Pseudomonas via a salicylic acid-dependent route (Zhang and Mou, 2009 , 2012 ). P etriacq et al. (2016a further observed that mitochondrial ROS production via NAD signaling in transgenic nadC overexpressing plants enhanced resistance against a diverse range of virulent pathogens, including Pst-AvrRpt2, Dickeya dadantii, and Botrytis cinerea. This study also reveals that NAD simultaneously induces different defense hormones and that the NAD-induced metabolic profiles are similar to those of defense-expressing plants after treatment with pathogen-associated molecular patterns. Interestingly, the Xanthomonas type II avirulence factor AvrRxo1s, which triggered immunity in Arabidopsis (Popov et al., 2016) was recently reported to phosphorylate NAD þ , suggesting that the effector might enhance bacterial virulence on plants through manipulation of primary metabolic pathways to mitigate ROS burst in tobacco (Shidore et al., 2017) .
In the study on plants overexpressing nadC, a strong induction of LASPO transcripts in response to Pst infection was also shown (P etriacq et al., 2012) . These findings are corroborated by the data provided by Genevestigator which show transcriptional regulation of the enzyme in response to various bacterial infections (Zimmermann et al., 2004) . LASPO is probably of particular importance in the production of NAD in response to biotic stresses, as this enzyme is found in a cluster of resistance genes in P. vulgaris (David et al., 2009 ). More recently, Cyril Zipfel's laboratory confirmed the involvement of LASPO in plant responses to Pst phytopathogenic bacteria. An LASPO T-DNA mutant, called fin4 (for "flagellin-insensitive 4"), is severely affected in by ROS accumulation in response to the flg22 elicitor in A. thaliana (Macho et al., 2012) . LASPO is required for NADPH oxidase D-dependent ROS accumulation necessary for stomata closure in response to PAMP (Macho et al., 2012) .
The cleavage of NAD also contributes to plantpathogen interactions. Thus, in a Sirt2 T-DNA insertion mutant in A. thaliana, induced expression of PR1 genes and genes of the salicylic acid biosynthesis pathway (SA) as PAD4, EDS5, or SID2, makes them more resistant to Pst infection (Buck et al., 2004; Wang et al., 2010) . On the other hand, Sirt2 overproducing plants show a higher sensitivity to Pst correlated with a decrease in SA levels. Sirt2, by consuming NAD, would negatively regulate the basal responses of plants in response to Pst phytopathogenic bacteria. Other results suggest a role for poly ADP-ribosylation (PAR) in plant immunity. For example, treatment of seedlings of A. thaliana with 3-AB (3-amino benzamide), a PARP inhibitor, would trigger induction of secondary metabolic pathways related to defense reactions as well as ROS production and deposition of callose in response to effectors such as flg2 and efu18 (Adams-Phillips et al., 2010) . In addition, A. thaliana PARG mutants are more susceptible to infection with gray mold fungus Botrytis cinerea, probably because of their limited ability to recycle ADP-ribose to NAD polymers (Adams-Phillips et al., 2010) . Several studies show an involvement of the NUDIX hydrolase-encoding AtNUDT7 protein in resistance to biotic stress (Bartsch et al., 2006; Ge et al., 2007; Adams-Phillips et al., 2008) . AtNUDT7 is a glycohydrolase with an ADP-ribose pyrophosphatase activity. The mutant Atnudt7 is more resistant to Pst infection (Jambunathan et al., 2010) and to the oomycete Hyaloperonospora arabidopsis (Bartsch et al., 2006) . This resistance is explained by the fact that nudt7 mutant has high levels of NAD(P)H and accumulates ROS, which would make it more resistant to pathogens (Jambunathan et al., 2010) . Again, these results demonstrate the negative impact of NAD cleavage enzymes on plant resistance to biotic stress.
2. Importance of NAD homeostasis for abiotic stress resistance Several publications point to the role of NAD concentration and related metabolites in plant resistance to stress such as for tobacco plants deficient in mitochondrial complex I. These plants which breath via alternating dehydrogenases have their growth reduced by their respiration, but their resistance to abiotic stresses is increased (Dutilleul et al., 2003b) . This increased resistance is accompanied by an increase in NAD þ and NADH contents without appreciable changes in the NADP þ , NADPH, H 2 O 2 , ascorbate, or glutathione levels (Dutilleul et al., 2003a (Dutilleul et al., , 2003b (Dutilleul et al., , 2005 . Maintaining a high level of antioxidants also appears to be a factor preventing the occurrence of cold-related lesions in peas or drought-affected wheat plants (Kuraishi et al., 1968; Maciejewska and Kacperska, 1987; Zagdanska and Kozdoj, 1994) .
PARP enzymes that are stress-induced are major consumers of NAD because of these enzymes transfer ADP-ribose units to proteins, releasing nicotinamide and forming long toxic and cell-induced ADP-ribose chains (Andrabi et al., 2006) with simultaneous depletion of ATP (Amor et al., 1998) . RNAi lines with decreased PARP activity levels have improved energy use efficiency (EUE) by reducing their mitochondrial respiration and ROS level, which ultimately increases their tolerance to stress abiotic (De Block et al., 2005) . The transcripts PARP1 and PARP2 accumulate in response to genotoxic stresses, such as gamma rays and ROS (Amor et al., 1998; Babiychuk et al., 2001; Doucet-Chabeaud et al., 2001) . It appears that depending on the severity of the damage caused by stress, PARPs can protect or aggravate damage to DNA (Briggs and Bent, 2011) . Low activation of PARPs would lead to protection, whereas high activation would lead to cell death (Amor et al., 1998; Ogawa et al., 2009 ). In addition, inhibition of PARP activities by 3-aminobenzomide (3-AB) increased growth rates of both primary and lateral roots, leading to a more developed root system . Although the mechanisms remain uncertain, the level of poly(ADP)-ribose synthesized from NAD is proportional to the severity of stress (Leist et al., 1997; Ha and Snyder, 1999) . Interestingly, a decrease in PARPs increases stress tolerance, possibly due to a decrease in NAD consumption (De Block et al., 2005) . The decrease in NAD consumption could influence the metabolism and transduction of signals, such as those related to ABA (Vanderauwera et al., 2007) . Indeed, the synthesis of ABA consumes NADP(H) (Barrero et al., 2005; Gonzalez-Guzman et al., 2012) . Other enzymes consuming NAD are also involved in the response to abiotic stress. Thus, rice plants overexpressing SRT2 from rice, OsSRT1, are made more resistant to oxidative stress, whereas a subexpression of the same gene induces cell death, probably in connection with an activation of the transposable elements . In A. thaliana, GFG1 (for growth factor gene 1) is a Nudix hydrolase carrying the ADP-ribose pyrophosphatase activity. It is essential for responding to abiotic stress, probably because it degrades ADP-ribose polymers formed during stress (Jambunathan and Mahalingam, 2006) .
NADPH is an important carrier of reducing power, especially for antioxidant defense systems. In rice, different NAD kinases are variably induced by multiple abiotic stresses, and promoters of NAD kinase genes have domains responding to heat and drought . In A. thaliana, cytosolic NADPH is produced by NAD kinase 3 (Chai et al., 2006) , and a mutant for this NADK3 makes the plants more sensitive to oxidative stress. Cytosolic NAD kinase 1 and 3 are induced by exposure to abiotic stresses, such as methyl-viologen-induced stress, high salinity, or osmotic shock (Berrin et al., 2005 , Chai et al., 2006 . In pea, calmodulin (CaM)-dependent NAD kinase activity is known to be induced by cold stress (Ruiz et al., 2002) . A higher sensitivity to oxidative stress was observed in NAD kinases (Berrin et al., 2005; Chai et al., 2005 Chai et al., , 2006 in response to salinity and drought (Zagdanska, 1990) . Because the major ROS generator in plants is NADPH oxidase activity, levels of NADPH may be limiting for ROS generation in some cases (Torres et al., 2002; Kawai and Murata, 2008) . One study showed that NADPH oxidases are involved in response to wounds in tomato plants (Sagi and Fluhr, 2006) . Another study has shown that NADPH oxidases are necessary for the rapid and systemic generation of injury-induced ROS and that ROS accumulate in the apoplast cells away from the wound site, suggesting that NADPH oxidases are involved in the spread of ROS (Miller et al., 2009) . NADPH oxidases are also involved in the signaling cascade induced by mechanical stimulation of the absorbent hairs (Monshausen et al., 2009) . It has been shown that ABA induces the expression of NADPH oxidases D and F during an osmotic stress in the guard cells and that these NADPH oxidases were essential for ABA-and brassinosteroid-dependent stomata closure (Kwak et al., 2003; Xia et al., 2009) . NaMNAT is also strongly expressed in stomatal cells to provide NAD(P)(H) in an amount sufficient to produce ROS via NADPH oxidases. The underexpression of NaMNAT results in insufficient levels of NAD and ROS to ensure stomata closure (Hashida et al., 2010) . Moreover, the amount of NAD produced under the action of NaMNAT makes it possible to protect the cells from oxidative stress generated by ABA-dependent signaling in the stomata (Hashida et al., 2010) . NAD regenerated by NaMNAT participates in ROS production that stimulates ABA production (Kwak et al., 2003) which activates the cleavage of NAD into cADPR. The latter triggered calcium signaling that is essential for the closure of stomata (Leckie et al., 1998; Allen et al., 2001) .
3. Importance of NAD-consuming reactions for an optimal plant growth Coordination between plant metabolism and epigenetic regulation of gene expression is of primary importance for plant facing varying environmental conditions for optimal growth. The central metabolite NAD þ is a substrate of enzymes called Sirtuins (SIR) that are involved in e N-lysine deacetylation of proteins. These modifications target proteins such as histones in the nucleus and metabolic enzymes in mitochondria and chloroplasts and play an important role not only in the epigenetic regulation of gene expression but also in the control of metabolic enzyme activity. As such, NAD levels and its redox state could coordinate metabolic activity with gene expression.
Sirtuins are NAD þ -dependent lysine deacetylases, yielding O-acetyl-ADP-ribose, the deacetylated substrate, and nicotinamide as products. Considerable attention has been paid to the hypothetical role of fluctuating NAD þ levels as a function of energetic state and the activity of Sirtuins deacetylase enzymes in animal and yeast cells. It becomes apparent that SIR serves as both energy and redox sensor and transcriptional effector by controlling acetylation states of histones. NAD þ levels may increase upon caloric restriction in yeast and animal cells, thereby offering an alternative means of Sirtuins activation (Kaelin and McKnight, 2013) . However, it remains unclear whether Sirtuins activity is operatively linked to the metabolic state via fluctuations in the intracellular levels of NAD þ . In addition, Situins proteins do not just deacetylate histones but also transcription factors, thereby controlling their activity (Blander and Guarente, 2004) .
Nicotinamide, the product of NAD cleavage, is acting as a feedback inhibitor of Situins and PARP NADconsuming activities. This mechanism can counteract extensive NAD þ breakdown in response to stress (Denu 2005; Rankin et al., 1989) . Interestingly, Nicotinamide is reported to protect plant cells from oxidative stress, probably due to stimulation of glutathione synthesis, and may exert an epigenetic control of gene expression with a global DNA hypomethylating effect (Berglund et al., 2017) . Meanwhile, nicotinamide stimulated acotinase and fumarase activities that have a key role in energy metabolism.
In plant cells, fluctuation of NAD þ reflects activities of a more complex metabolic network (e.g., respiration/ photosynthesis/photorespiration/pentose-phosphate cycle, etc.) and redox states due to both metabolic activities and stress-responses. Whether intracellular levels of NAD þ are linked to activation of plant SIR and PARP proteins to control gene expression and metabolic activity in plant cells remains to be elucidated.
The central role of NAD homeostasis in plant performance
As we have seen above, the metabolism of NAD is of great importance for plant primary metabolism and responses to environmental constraints. The impact of redox and energy metabolism on plant productivity and resistance to stress is well known (Nunes-Nesi et al., 2005; Dobrota, 2006; Hashida et al., 2009) . Under stressful conditions, the plant draws on its energy metabolism when energy production is often already affected. Below a certain threshold, growth stops, lesions appear and accumulate, which can lead to plant death. Although photosynthesis is the source of carbon skeletons and conditions plant productivity, cellular respiration converts fixed carbon into energy that is used for plant growth and development. In these energy flows the main redox carrier is NAD. Five molecules of ATP are required for its biosynthesis from aspartate and a maximum of three are required for its recycling Hashida et al., 2009) . For normal growth and development, plants closely control their NAD levels (Titok et al., 1995; Wang and Pichersky, 2007) . When exposed to environmental conditions leading to oxidative stress, PARPs are induced, consume large amounts of NAD and may even modulate the activity of energy metabolism enzymes (De Block et al., 2005; De Block and Van Lijsebettens, 2011; De Block et al., 2012 . Andrabi et al., 2014 . The maintenance of plant energy homeostasis is likely to be achieved by monitoring PARP activity, activation of NAD recycling pathways, and modulation of respiratory metabolism (Amor et al., 1998; Dutilleul et al., 2003a; De Block et al., 2005; Hauben et al., 2009) . In short, an improvement in energy homeostasis reduces net energy consumption when plants are subject to unfavorable conditions.
IV. Integrated effects of modifying the expression of the constituent enzymes of NAD 1 biosynthesis and metabolism
Phenotypes of plants deficient in the expression of enzymes of NAD metabolism 1. L-Aspartate oxidase (LASPO) Early attempts to determine the physiological role of enzymes involved in NAD þ biosynthesis from Aspartate in Arabidopsis indicated that LASPO, quinolinate synthetase (QS), and quinolinate phosphoribosyltransferase (QPT) are essential for plant growth and development (Katoh et al., 2006) . In the initial studies, homozygous T-DNA insertion lines for genes encoding these enzymes were not found, and heterozygous plants self-pollinated resulted in wild-type and heterozygous plants at a 1:2 ratio, without any homozygous plants in the next generation. These results were consistent with the hypothesis that homozygous null alleles for LASPO, QS, and QPT genes have embryo-lethal phenotypes (Katoh et al., 2006) . Recently, viable Arabidopsis knockdown mutants for LASPO were obtained and characterized (Macho et al., 2012; Hao et al., 2018) . LASPO is a plastidial and flavoprotein enzyme, catalyzing the first reaction of de novo NAD biosynthesis, oxidizing L-aspartate, and iminoaspartate. In addition, it has been shown that this enzyme is able to catalyze different reactions such as Laspartate: fumarate oxidoreductase activity Hao et al., 2018) and fumarate reductase . This enzyme is also required for stomatal immunity against the Pseudomonas syringae, which suggests a novel specific requirement for LASPO activity in pathogen-associated response (Macho et al., 2012) . In addition, transgenic lines with low and high expression levels of LASPO revealed that NAD þ levels and LASPO activity are strongly correlated, revealing that this enzyme tightly controls NAD þ biosynthesis in Arabidopsis leaves (Hao et al., 2018) . Moreover, as mentioned in previous sections, biochemical analysis of LASPO protein revealed that its metabolic and biochemical regulations allow a fast and fine-tuning to match pyridine production to changing physiological conditions (Hao et al., 2018) .
Quinolinate synthetase (QS)
The QS from Arabidopsis carries a Cys desulfurase domain which stimulates reconstitution of the oxygensensitive Fe-S cluster that is required for QS activity (Murthy et al., 2007) . An Arabidopsis mutant line, named as an OLD5 mutant, carrying a lesion in this enzyme did not show any change in the activity of QS but a reduced Cys desulfurase activity (Schippers et al., 2008) . The characterization of this mutant indicated that QS is involved in an early onset of developmental senescence in Arabidopsis plants (Schippers et al., 2008) . Furthermore, the OLD5 mutation increased the NAD steady-state levels in parallel with increased activity of NAD salvage pathway enzymes, higher levels of TCA cycle intermediates and several amino acids. The mutant plants also displayed a higher respiration rate concomitant with increased expression of oxidative stress markers. Thus, it was suggested that alteration in the oxidative state might be integrated into a plant developmental program which leads to an early senescence phenotype in the mutant plants.
3. Nicotinate (and/or nicotinamide) mononucleotide adenylyltransferase (NMNAT) As indicated above QPT is essential for plant growth, and therefore homozygous plants could not be isolated (Katoh et al., 2006) . Similarly, homozygous mutant plants could not be isolated for the following enzyme in the de novo pathway, NMNAT, suggesting that the gene encoding NMNAT is also indispensable for NAD biosynthesis in Arabidospsis (Hashida et al., 2007) . Despite that, promoter activity analyses demonstrated that NMNAT gene is spatio-temporally regulated during microspore development and pollen tube growth. These results suggested that the lack of NMNAT expression in the heterozygous mutant lead to a decrease in NAD content in pollen (Hashida et al., 2007) . In addition, cytological analysis of atnmnat mutant was gametophytically impaired in pollen tube growth indicating the essentiality of this enzyme for normal pollen growth and seed production. Further studies with the same enzyme also suggest that NAD þ accumulation regulates pollen fate and acts as a negative regulator of pollen germination (Hashida et al., 2013a (Hashida et al., , 2013b .
Interestingly, nmnat heterozygous mutants also displayed abnormal stomatal behavior once it had been exposed to oxidative stress and the ABA-induced oxidative stress caused stomatal cell death in the mutant (Hashida et al., 2010) . These results suggest that NAD metabolism plays an important role during stomatal movement and also during drought stress responses. In the agreement, over-expression of NMNAT gene in transgenic Arabidopsis plants lead to enhanced stomatal closure and tolerance to drought stress (Hashida et al., 2010) . Taken together the results obtained by Hashida and coauthors indicated that NMNAT is associated with tolerance to stressful oxidative signaling in guard cells during stomatal closure.
NAD synthase (NADS)
Probably, because its importance for the NAD biosynthesis, as observed for the other enzymes of de novo pathway described above, knockout mutants for genes encoding NADS, which participates in the final step of NAD biosynthesis, have not been described. Recently, however, Arabidopsis plants overexpressing NADS gene have been generated and characterized (Hashida et al., 2016) . NADS overexpressing plants displayed enhanced activity of NAD biosynthesis without alterations in the levels of NAD þ , NADH, NADP þ , or NADPH. Interestingly, in the same plants, the amounts of some intermediates were elevated, suggesting increased NAD metabolism. NADS overexpressing plants also showed shorter longevity in comparison with untransformed plants, with leaves turning yellow immediately after bolting. This study indicated that NAD redox state might be facilitated by an imbalance between NAD generation and degradation in response to bolting. Further analysis revealed that the modulation of NAD redox homeostasis enhanced flux though TCA cycle flux, and thus generating reactive oxygen species (Hashida et al., 2016) .
Nicotinamidase (NIC)
NIC catalyzes the conversion of nicotinamide to nicotinic acid in the NAD salvage pathway. In Arabidopsis genome, three genes with homology to nicotinamidase from yeast and bacteria and activity in vitro have been identified (Table 1) (Hunt et al., 2007; Wang and Pichersky, 2007) . The proteins encoded by At2g22570, At5g23230, and At5g23220 were named NIC1, NIC2, and NIC3, respectively. The homozygous plants for NIC1 allele, nic1-1, exhibited lower levels of NAD þ and NADP þ under normal growth conditions and under stress conditions, the mutant plants exhibited hypersensitivity to ABA and NaCl treatments. These effects were related to the inability of the mutant plants to increase the cellular levels of NAD(H) under these growth conditions (Wang and Pichersky, 2007) .
Another study characterized the gene encoding NIC2 protein, which is highly expressed in mature seed (Hunt et al., 2007) . In this study, it was shown that seeds from nic2-1 knockout mutant have reduced NIC activity, increased NAD levels, retarded germination, and impaired germination. This phenotype is restored by after-ripening or moist chilling, but the seeds remained hypersensitive to the application of nicotinamide or ABA. Interestingly, the reduced germination potential observed for nic2-1 seeds could be associated with reduced poly(ADP-ribose) polymerase (PARP) activity (Hunt et al., 2007) . In this study, it was proposed that NAD metabolism plays an important role during germination and that NIC activity in seed promotes germination either by altering NAD levels, reducing ABA sensitivity, and releasing inhibition of PARP activity.
ADP-ribose transferase
As discussed in other sections, NAD is also a substrate for NaM producing enzymes, particularly PARP also known as ADP-ribose transferase. This enzyme is the key enzyme in one of the major NAD þ -consuming process, the poly(-ADP-ribosyl)ation (Belenky et al., 2007) . Studies on the expression and localization of the three Arabidopsis isoforms of PARP indicated that PARP1 and PARP2 are expressed in shoot apex, young siliques, and closed and open flowers. In addition, these two genes also appear to be expressed in dry seeds, young seedlings, and late seedlings. By contrast, PARP3 seems to be expressed only in dry seeds and seeds of mature siliques (Jia et al., 2013; Rissel et al., 2014; Schulz et al., 2012 Schulz et al., , 2014 . Furthermore, although PARP3 is narrowly expressed in roots and leaves, it is massively expressed in seeds with the other isoforms displaying contrasting expression patterns (Pham et al., 2015) . GFP analysis revealed that PARP1 is not restricted only to the nucleus but was also visible in the chloroplasts although PARP2 was found in both chloroplasts and mitochondria (Pham et al., 2015) . PARP3 was clearly localized in the nuclei (Rissel et al., 2014; Pham et al., 2015) and a partial localization of PARP3 was also observed in cytosol (Pham et al., 2015) . Physiological and biochemical analysis of knockdown mutants for PARP1, PARP2, and PARP3 under non-stressing conditions revealed that the absence of any individual PARP isozymes does not affect photosynthetic machinery and respiration rate (Pham et al., 2015) . In the same study, 14 C positional labeling experiments indicated a mild increase in the proportion of carbohydrate oxidation performed by the TCA cycle in parp2 and parp3 mutant plants and a stronger increase in parp3 plants. Surprisingly, there was only a tendency of increased NADH content in all analyzed mutant lines, decreased NADH/NAD þ ratio for parp3 mutant, with significant increases in the content of NADP þ and NADPH for parp1 and parp3 plants without alterations in the NADPH/NADP þ ratio. Metabolite profiling revealed that no clear metabolic changes are displayed by the lack of individual PARP isozymes (Pham et al., 2015) . The exception is for in parp3 mutant plants where alterations in intermediates of the photorespiratory pathway, namely glycine and serine, glycerate and glycolate, as well as the stress related amino acids GABA and proline and the TCA cycle intermediates malate and succinate were observed. Taken together, these results indicated that PARP isoforms have non-redundant and also non-nuclear metabolic roles and are highly important in rapidly growing tissues such as the shoot apical meristem, roots, and seeds.
The physiological roles of PARP in plants under biotic and abiotic stress responses have been shown in the last decade (Amor et al., 1998; de Block et al., 2005; Vanderauwera et al., 2007; Pham et al., 2015; Rissel et al., 2014 Rissel et al., , 2017 Schulz et al., 2012) . These studies demonstrated that PARP participates in stress responses, activation of non-homologous end-joining repair mechanism, and seed development. Recently, the functional redundancy of the three PARP isozymes during stress responses have been addressed (Rissel et al., 2017) . In this study, stress responses of single, double, and triple PARP knockout mutant plants under abiotic and biotic stress were evaluated. Unexpectedly, this study revealed that, in contrast to previous reports, plant performance was not altered in any of the studied mutant lines suggesting that the stress-related phenotypes observed for PARP mutant lines are conditional dependent (Rissel et al., 2017) .
Sirtuins or histone deacetylases
Sirtuins, also known as histone deacetylases, are enzymes that catalyze an NAD þ -dependent deacetylation of acetyl-Lys in proteins and thereby produce a deacetylated Lys, as well as the metabolites nicotinamide and 2 0 -O-acetyl-ADP-ribose. In Arabidopsis genome, two sirtuins from two classes, have been found (Pandey et al., 2002) , with Silent Information Regulator1 homolog (SRT1) from class IV and SRT2 from class II (Pandey et al., 2002) . Recently, the role of the mitochondrial predicted SRT2 of Arabidopsis has been studied (K€ onig et al., 2014) . This study demonstrated that that SRT2 catalyze a Lys deacetylase. This protein is located at the inner mitochondrial membrane, interacting with protein complexes mainly involved in energy metabolism and metabolite transport. Despite the fact that srt2 mutant plants did not show growth phenotype, a metabolic phenotype with altered levels in sugars, amino acids, and ADP contents was observed. In addition, it was observed a reduction in the coupling of respiration to ATP synthesis in these lines although the mitochondrial ADP uptake was increased. Thus, this study suggests that SRT2 plays an important role in fine-tuning mitochondrial energy metabolism (K€ onig et al., 2014) . Recently, additional T-DNA insertion plants for SRT1 and 2 have been described (Zhang et al., 2018) . It was demonstrated that the expression levels of SRT1 in srt2 mutants and SRT2 in srt1 mutants are all increased suggesting a compensatory effect between the two SRT isoforms. Surprisingly, this study also demonstrated that SRT1 and SRT2 interact with a critical protein for ethylene signaling, the EIN2 nuclear-associated protein1 (ENAP1) and thus indicating that SRT1 and SRT2 are required for negative regulation of certain ethylene-responsive genes (Zhang et al., 2018) .
In rice two homologs for SRT2 have been found (Pandey et al., 2002) . Characterization of RNA interference transgenic plants for OsSRT1 indicated an increase of histone H3K9 acetylation and a decrease of H3K9 dimethylation, H 2 O 2 accumulation, DNA fragmentation, programmed cell death, and mimicking plant lesions and its overexpression enhances the tolerance of redox . Recently, it was demonstrated that OsSRT1 can regulate carbon metabolic flux through the repression of glycolysis by the deacetylation of both histone and glycolytic glyceraldehyde-3-phosphatedehydrogenase (GAPDH) .
Nicotinate phosphoribosyltransferase (NaPRTase)
In the NAD salvage pathway, nicotinate is converted to NaMN by NaPRTase (Wang and Pichersky, 2007; Hashida et al., 2009) . Despite the fact that plants homologs of NaPRTase have been already found (Katoh and Hashimoto, 2004) , our understanding of its physiological roles and regulation of this enzyme in plants is still limited. In rice, a recessive point mutation in the gene encoding nicotinate phosphoribosyltransferase (OsNaPRT1), known as Leaf Tip Senescence 1 (LTS1), has been recently identified (Wu et al., 2016) . In this study, a point mutation in OsNaPRT1 showed plant dwarfism, withered leaf tip phenotype and early leaf senescence compared to the wild-type. 9. Nudix (nucleoside diphosphates linked to some moiety X) hydrolases In Arabidopsis, 28 genes encoding Nudix hydrolases (AtNUDXs) have been identified, and the homologs are distributed to the cytosol and organelles, such as chloroplasts and mitochondria (Ogawa et al., 2005 (Ogawa et al., , 2008 . Studies on molecular, enzymatic properties and physiological roles of these proteins clearly revealed that they play important roles in plant physiology (for review see Yoshimura and Shigeoka 2015) . However, because of the high number of substrates that can be used by NUDXs proteins, the function of many of these enzymes remains to be elucidated. Research efforts have been made to identify the physiological importance of these proteins, and therefore Arabidopsis mutant lines have been isolated for several genes encoding NUDX enzymes (Table 1) . Intriguing, T-DNA insertion mutants for several AtNUDX did not exhibit phenotype under optimal growth conditions (Ogawa et al., 2008) . This suggests that several AtNUDXs are either not essential for development under optimal conditions or they play redundant roles in Arabidopsis plants. Interestingly, for some of the characterized AtNUDXs proteins, which have NAD(P)H pyrophosphohydrolase activity, silenced lines showed impacts on the pyridine nucleotides status and stress tolerance (Ge et al., 2007; Maruta et al., 2016; Corpas et al., 2016) .
Recently, Arabidopsis T-DNA insertion lines for AtNUDX19, which has NADPH specific hydrolytic activity in vitro (Ogawa et al., 2008) , were characterized in details (Maruta et al., 2016; Corpas et al., 2016) . These studies revealed that NADPH levels increase in nudx19 mutant lines under both optimal and high light conditions. Under the same conditions, it was observed that NADP þ and NAD þ levels decreased, which lead to high redox states of NADP(H). Interestingly, despite the observed changes in the cellular redox state, the AtNUDX19 silenced plants displayed high tolerance to photooxidative stresses (Maruta et al., 2016) . Additional study demonstrated association between the absence of AtNUDX19 and increase in the activity of all NADPdehydrogenases under physiological and arsenicinduced stress conditions in roots (Corpas et al., 2016) . Together, these studies indicated that AtNUDX19 plays a role as a modulator of cellular levels and redox states of pyridine nucleotides and is involved in oxidative stress responses through changes in photosynthesis, antioxidant system, and possibly hormonal signaling. Similar phenotypes were observed for other AtNUDXs silenced plants.
Based on the amounts of NADH and ADP-ribose as well as the pyrophosphohydrolase activities toward both molecules in the leaves of AtNUDX2 overexpressing and suppressing plants, it was verified in vivo that this enzyme hydrolyzes only ADP-ribose, and this may be attributed to a posttranslational protein modification ). Thus, these results suggested that AtNUDX2 acts maintaining the levels of NAD þ and ATP via nucleotide recycling from the free ADP-ribose molecules produced by the degradation of poly(ADP-ribose) polymers in order to prevent excess stimulation by the PAR reaction under oxidative stress conditions .
It has been shown that AtNUDX7 enzyme has ADP-ribose and NADH pyrophosphatase activities (Ogawa et al., 2005) . Arabidopsis T-DNA insertion mutant plants for AtNUDX7 (also named as AtNUDT7) displayed altered cellular redox homeostasis and a higher level of NADH in pathogen-infected leaves (Ge et al., 2007) . These results indicate that by altering the cellular antioxidant status the mutation in AtNUDX7 amplify defense responses, and thus suggesting that NUDT7 modulates the defense response to prevent excessive stimulation. In addition, it was shown that AtNUDX acts at early responses to DNA damage caused by oxidative stress, by modulating the poly(ADP-ribosyl)ation reaction ). Further evidence for the involvement of NUDX family members in pathogen attack responses in plants have been provided in AtNUDX6. The AtNUDX6 gene encodes an ADP-ribose (Rib)/NADH pyrophosphohydrolase. It was shown that this enzyme catalyzes mainly hydrolysis of NADH as a physiological substrate and hardly contributed to that of ADP-ribose (Ishikawa et al., 2010a) . By using a knock out T-DNA insertion line (nudx6) and overexpressing lines, it was demonstrated that AtNUDX6 is a modulator of NADH rather than ADP-Rib metabolism and furthermore it impacts the plant immune response as a positive regulator of Nonexpressor of pathogenesis-related genes1 (NPR1)-dependent Salicylic Acid signaling pathways (Ishikawa et al., 2010a) . Together, these studies demonstrated that AtNUDX7 plays a role as a negative regulator to prevent excessive stimulation of the defense response, which is dependent on and independent of NPR1 and SA accumulation (Ge et al., 2007; Ishikawa et al., 2010b) . On another hand, AtNUDX6 function as a positive regulator through NPR1-dependent SA signaling pathways (Ishikawa et al., 2010a (Ishikawa et al., , 2010b .
NAD transporters
As mentioned in the previous sections, NAD þ has multiple and essential functions and, therefore, its cellular levels should be maintained either through de novo synthesis or salvage pathways, which involves recycling of NAD þ degradation products. Because in eukaryotic cells both pathways take place in the cytosol, NAD has to be distributed to diverse cell compartments. As a consequence, transport proteins are required to shuttle NAD across intracellular membranes. In plants, humans, and fungi, members of the mitochondrial carrier family are involved in the import of NAD þ into mitochondria, plastids, and peroxisomes (Todisco et al., 2006; Palmieri et al., 2009; Agrimi et al., 2012) . These transporters have been characterized by in vitro uptake assays using recombinant protein reconstituted into liposomes. Based on these biochemical studies, it has been demonstrated that the NAD þ transporters function as antiporters, importing NAD þ in a strict counter-exchange with another molecule (Todisco et al., 2006; Palmieri et al., 2009; Agrimi et al., 2012; Bernhardt et al., 2012) .
Despite the fairly detailed molecular and biochemical characterization of NAD þ transporters, the physiological function of this transport is still poorly understood. In plants, a peroxisomal NAD þ transporter from Arabidopsis, named as PXN, was identified (Agrimi et al., 2012; Bernhardt et al., 2012) .
When assayed in vitro, PXN transporter is able to catalyze the import of NAD þ or CoA, the exchange of NAD þ /NADH, and the export of CoA (Agrimi et al., 2012; Bernhardt et al., 2012) . However, in vivo assays performed in Saccharomyces cerevisiae, demonstrated that PXN catalyzed the import of NAD into peroxisomes against AMP in intact yeast cells (Van Roermund et al., 2016) . This study also suggested that the counter-exchange substrate for the NAD þ import is produced via the hydrolysis of NADH to AMP, which is catalyzed by the NADH pyrophophatase AtNUDT19 in Arabidopsis. In plant system, the characterization of PXN silenced lines demonstrated that the absence of this transporter in Arabidopsis leads to defects in NAD-dependent b-oxidation during seedling establishment (Bernhardt et al., 2012) . Furthermore, this study revealed a delay in the breakdown of fatty acid released from seed storage oil. Interestingly, PXN mutant plants were able to grow under ambient CO 2 conditions without showing the typical photorespiratory phenotype. This phenotype is intriguing because photorespiration is a NAD-dependent process in peroxisomes which might be affected by impaired NAD þ import.
In Arabidopsis, others two NAD þ transporters have been identified (Palmieri et al., 2009) . In this study, it was demonstrated that AtNDT1 and AtNDT2 proteins, characterized as a plastid and mitochondrial NAD þ transporters, respectively (Palmieri et al., 2009) . Although the molecular and biochemical characterization of these NAD þ transporters have been described, the physiological function of these proteins is still unrevealed.
